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ABSTRACT
Many AAA+ molecular machines generate power and drive cellular processes by
harnessing energy from cycles of ATP hydrolysis. ClpX is a relatively simple AAA+
ATPase that powers regulated protein degradation by binding native protein substrates,
denaturing them, and translocating the unfolded molecule into the sequestered proteolytic
compartment of its peptidase partner, ClpP. Mechanistic studies of ClpXP degradation
provide insight into energy-dependent proteolysis and may help elucidate how other
AAA+ motors function as well.
By studying the ClpXP-mediated degradation of model substrates in native and denatured
forms, I investigated the role of both substrate stability and ATP consumption during the
individual substrate processing steps of this protease. My results demonstrate that the
rate of substrate proteolysis by ClpXP correlates poorly with global thermodynamic
stability, but instead appears to be influenced by the local stability of protein structure
adjacent to the degradation tag, as well as the location of the tag within this individual
local element. These findings support a directional unfolding mechanism whereby
ClpXP denatures proteins by first peeling apart the structural elements that abut the
recognition tag. Analysis of ATP consumption during denaturation and translocation
reveals how the ClpXP motor operates during these ClpXP processing steps. ATP
turnover rates are relatively fast during substrate translocation, utilizing about 1 ATP
molecule per amino acid translocated. In contrast, ATP hydrolysis remains at a reduced
but constant rate during the denaturation of native substrates independent of their intrinsic
stability, but requires the hydrolysis of increasing numbers of ATP molecules as the
stability of the substrate also increases. These findings suggest that ClpXP is capable of
denaturing very stable proteins by applying repeated cycles of an unfolding force linked
to the cycles of ATP hydrolysis. Competition experiments further reveal that stable
substrates are frequently released from CIpXP when they resist denaturation, but unstable
substrates are rapidly engaged by the proteolytic machinery. This preference prevents
ClpXP from being jammed with substrates that are difficult to unfold. Moreover, it
allows the protease to selectively degrade poorly structured substrates that consequently
require fewer cycles of ATP hydrolysis, thereby ensuring that the energy of ATP
hydrolysis is used efficiently for protein degradation. These mechanistic features could
be useful for other AAA+ ATPases that translocate polymers against a force.
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8CHAPTER ONE
AAA+ ATPase motors and substrate degradation by
macromolecular proteases
9Many reactions essential to life are driven by molecular machines that use the binding
and hydrolysis of nucleoside triphosphates (NTPs) to generate mechanical power. Some
machines, like the ribosome and DNA/RNA polymerases, have unique structures evolved
to perform highly specialized functions (Spirin 2002, Yin et al., 1995). Other machines
have more generalized architectures for power production and can be grouped into
families of molecular motor proteins. For instance, the myosin and kinesin motor
families use a similar motor domain to drive cargo transport functions for some members,
and for others can be organized to power the macroscopic movement of whole organisms
(reviewed in Woehlke and Schliwa, 2000, De La Cruz and Ostap, 2004).
The AAA+ ATPase superfamily of molecular motors (Neuwald et al., 1999, Iyer et al.,
2004) has gained increasing attention because members have been shown to power an
enormous variety of active biological processes in virtually all forms of life (reviewed in
Ogura and Wilkinson, 2001). Specifically, these AAA+ ATPases (or ATPases
Associated with various cellular Activities) have been shown to actively unwind and
translocate DNA, transport cargo along microtubules, resuspend protein aggregates,
promote vesicle fusion, remodel hyperstable oligomeric complexes, drive protein
secretion, dismantle the cytoskeleton, load/assemble complexes, and denature proteins for
targeted proteolysis.
At present, many questions about AAA+ motor proteins are unanswered. Do most
AAA+ ATPases generate power by a similar basic mechanism? How is this force
produced? How do these machines apply large mechanical forces while maintaining their
own structural integrity? To begin addressing these issues, I have focused on the ClpX
protein of E. coli because it is a relatively simple member of the AAA+ family but
maintains all of the salient features of these ATPases (Wojtkowiak et al., 1993,
Gottesman et al., 1993, Neuwald, et al., 1999). CIpX, also a member of the Clp/Hsp100
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chaperone family (Schirmer et al., 1996, Maurizi and Xia, 2004), is used by bacteria to
dismantle stable macromolecular complexes, and when associated with ClpP, enables
targeted ATP-dependent proteolysis (Sauer et al., 2004).
The presence of AAA+ proteases, like ClpXP, in all kingdoms of life underscores their
biological importance. E. coli has five distinct AAA+ proteases, including ClpXP,
ClpAP, HslUV (ClpYQ), Lon and FtsH (Neuwald, et al., 1999, Gottesman, 1996).
Eukaryotes predominately use a single AAA+ protease, the 26S proteasome, for
cytoplasmic degradation (Hershko and Ciechanover, 1998), although some organelles
such as mitochondria and chloroplasts do utilize a variety of other AAA+ proteases that
are generally homologous to those present in bacteria (Langer and Neupert, 1996).
Why are these specialized machines used for intracellular protein degradation? First,
cells need a mechanism to discard proteins either to recycle amino acids or, in some
instances, to prevent the toxic effects of misfolded or abnormal proteins. Second,
proteases allow cells to maintain specific steady-state concentrations of proteins. A
tremendous amount of energy is spent on transcriptional and translational mechanisms
that regulate and coordinate the timing of protein synthesis. Regulating the destruction of
these protein molecules provides another level of control. Moreover, some enzymes
and/or regulatory factors are only required at specific times to respond to environmental
changes or to initiate specific cellular events. In some instances, the destruction of these
temporally-controlled proteins is necessary to reset the normal state of the cell and/or
ensure that some processes, such as DNA replication, are initiated only once. Finally,
native protein structures are typically resistant to degradation because the structure
prevents access of proteases to the polypeptide backbone (Pace and Barret, 1984). Cells
therefore require degradation mechanisms that can both recognize specific proteins at
specific times and remodel the native structure into a proteolytically accessible state.
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How do the macromolecular proteases coordinate such a remarkable feat? First I will
look at the structure of ClpXP and other ATP-dependent proteases to provide an
architectural basis for regulated proteolysis. Later, I will consider biochemical
experiments that inform the mechanism behind this important biological process.
Sequestering the proteolytic active site
Comparison of known structures for the proteolytic components of ATP-dependent
proteases reveals a dominant architectural theme: the catalytic residues responsible for
proteolysis are sequestered within a protected chamber with limited access (Lowe et al.,
1995, Bochtler et al., 1997, Groll et al., 1997, Wang et al., 1997). The structure of the
ClpP protease nicely illustrates this architecture (Flanagan et al., 1995, Wang et al.,
1997). CIpP is a homo-tetradecamer composed of heptameric rings that stack against
each other in a tail-to-tail fashion forming an overall barrel-like structure (Fig. 1A). The
lumen of ClpP reaches a maximum diameter of -50 A at the equator of the complex,
which is lined on both sides by the fourteen catalytic triads (Ser97, His122, and Aspl71)
responsible for peptidolytic activity. The density of catalytic sites within this confined
space produces an effective concentration of active sites that is on the order of tens of
millimolar (Wang et al., 1998), a finding that could explain both the rapid rate and
somewhat non-specific nature of peptide hydrolysis by ClpP (Thompson and Maurizi,
1994, Thompson et al., 1994).
Both axial ends of the ClpP complex are gated by -10 A portals that appear to be the only
locations at which substrates could enter or exit the proteolytic lumen in the absence of
major structural changes in ClpP. This portal size explains observations from
biochemical studies demonstrating that some peptides are small enough to passively
diffuse into the lumen of ClpP, whereas larger polypeptides are sterically excluded by the
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Figure 1 - Architecture of AAA+ proteases. (A) Crystal structure of the ClpP protease
from E. coli (PDB TYF, Wang et al., 1997). ClpP heptamers are colored in alternating
shades of green and blue to highlight individual ClpP subunits. The front six ClpP
subunits were removed for the right-most structure to reveal the hollow lumen of the
ClpP tetradecamer lined with catalytic serine residues (colored red). (B) ClpX AAA+
ATPase hexamer modeled from the crystal structure of a H. pylori ClpX monomer (PDB
1UM8, Kim and Kim, 2003). Left, top view showing alternating subunits colored yellow
and green forming the symmetric ring structure with a central pore. Right, ClpXP
protease modeled by aligning the ClpX hexamer onto the ClpP structure from "A". (C)
Crystal structure of the eukaryotic 20S core protease (catalytic threonine colored red) and
EM structure of the 26S proteasome holoenzyme (reprinted with permission from Larsen
and Finley, 1997, Copyright Elsevier).
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narrow portal diameter (Thompson and Maurizi, 1994, Thompson et al., 1994).
Interestingly, this diameter is wide enough to accommodate a single unfolded
polypeptide, although biochemical studies strongly suggest that more than one
polypeptide can be threaded through this portal, indicating some degree of
conformational flexibility (Burton et al., 2001a, Lee et al., 2004). The portal diameter
has also been implicated in dictating the size of product peptides that are released
following polypeptide hydrolysis by AAA+ ATPases (range of 3-31 residues, average
10 residues; Thompson and Maurizi, 1994, Kisselev et al., 1999, Nishii and Takahashi,
2003). One model suggests that this average peptide product size arises from the fact that
it is the average peptide length that can passively exit through the 10 A portal (Wang et
al., 1997, Thompson and Maurizi, 1994). Although peptides of this size do not diffuse
into the peptidase complex, it is believed that the crowded environment inside the ClpP
lumen could facilitate the exit of larger peptides. Others have suggested that peptides
might exit via the equator region where the two ClpP heptamers meet because this region
has a low packing density and high plasticity relative to much of the complex (Peltier et
al., 2004, Gribun et al., 2005).
Despite significant differences in subunit sequence and number, other protease
complexes exhibit the same overall architecture as the ClpP protease, and consequently
share an identical internal sequestration of proteolytic active sites. The HslV protease in
E. coli, for instance, shares no homology with ClpP. HslV is formed by tail-to-tail
stacking of six-fold symmetric rings of identical subunits, and uses a catalytic N-terminal
threonine as the active site nucleophile instead of serine (Rohrwild et al., 1996, Kessel et
al., 1996, Bochtler et al., 1997). The eukaryotic 20S proteasome (Fig. C) is a
significantly more complex example, being composed of four stacked rings with seven-
fold symmetry that are formed by seven distinct a- and -subunit proteins (reviewed in
Voges et al., 1999). The ring of P-subunits (18% identity to HslV, Bochtler et al., 1997)
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face one another in a tail-to-tail orientation similar to ClpP, while the a-subunits cap
either end of this complex to form an elongated barrel shape. The catalytic threonine
residues of the 3-subunits are deeply buried within a main central chamber that is flanked
on either side by two antechambers formed by the interface of the a- and P-subunit (Fig
1C). Thus, substrate polypeptides must pass length-wise through more than 50 A of
space before entering the proteolytic chamber (Lowe et al., 1995, Groll et al., 1997).
Substrate entry into this complex is restricted by two apical portals and is further impeded
by the presence of disordered N-terminal residues of the a-subunit that block these
entryways (Groll et al., 2000, Whitby et al., 2000). This more extreme example of
proteolytic active-site sequestration clearly illustrates that substrate proteins must
somehow be guided or assisted into these degradation chambers. AAA+ ATPases, which
are strictly required for the degradation of polypeptides that cannot passively diffuse
through the portals (Thompson and Maurizi, 1994), have been shown to denature target
proteins even when the proteolytic partner is not present (Weber-Ban et al., 1999, Singh
et al., 2000, Kim et al., 2000, Burton et al., 2001a, Burton and Baker, 2003). These
unfoldases are thus well suited to play roles as regulatory gate-keepers for the chambered
proteases.
Architecture of an AAA+ motor
Structural analysis of AAA+ proteases demonstrates that in all known instances, the
ATP-dependent unfoldase subunits encircle the axial portal of the protease complex
(Kessel et al., 1995, Grimaud et al., 1998, Sousa et al., 2000). Moreover, specific
docking interactions ensure that a central pore of the ATPase complex is aligned with the
protease portals such that a continuous channel into the lumen of the protease is formed.
For the CIpXP and ClpAP proteases, this docking interaction is provided by short
hydrophobic loops in the AAA+ subunits that insert into hydrophobic pockets
surrounding the proteolytic portal (Fig. 1B, Kim et al., 2001). Interactions with either the
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AAA+ ATPases or other regulatory proteins can influence the protease. For example,
docking of a PA28 regulator complex to the yeast 20S proteasome results in the
displacement of ordered N-terminal strands of the a-subunit out of the previously
occluded portal (Whitby et al., 2000, Forster et al., 2003). Even for the simpler E. coli
proteases, where the pore of the unliganded protease complex is not strictly occluded by
well-ordered polypeptides, binding of the ATPase complex has been shown to increase
the portal diameter (Wang et al., 2001). In all of these instances, however, the portal is
still sufficiently narrow to exclude native proteins. Structural and biochemical evidence
demonstrates that structural changes during the ATPase cycle can even propagate to the
catalytic active sites of the protease subunits (Sousa et al., 2000, Joshi et al., 2004).
Moreover, EM studies with both ClpXP and ClpAP complexes show substrate proteins
either at the pore entry or in the lumen of ClpXP (Ortega et al., 2000, and Ishikawa et al.,
2001). Taken together, these functional and structural interactions of ClpX with ClpP
suggests that the AAA+ motor subunits could actively transfer unfolded substrate
proteins through the pore of the complex and into the lumen of the protease.
Many AAA+ ATPases, including all of the unfoldases associated with the chambered
proteases, exist as ringed homo- or hetero-hexamers (Fig. 1B; Kessel et al., 1995, Kessel
et al., 1996, Grimaud et al., 1998). Hexamerization is not strictly required for motor
function because some AAA+ ATPases are active as smaller oligomers (Jeruzalmi et al.,
2001). Additionally, some hexameric rings of AAA+ domains have little to no ATPase
activity (Singh and Maurizi, 1994, Guo et al., 2002). For instance, the hexameric ClpA
unfoldase is composed of two fused AAA+ hexamer rings that stack on top of one
another. One ClpA ring is thought to perform the unfoldase function as a result of the
binding and hydrolysis of ATP, whereas the second ring binds but does not hydrolyze
ATP and is thought to provide architectural stability. Another exception is eukaryotic
dynein, which has six covalently linked AAA+ domains that adopt a non-symmetric ring-
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like structure (Reck-Peterson and Vale, 2004). Not all of the domains bind/or hydrolyze
ATP, which may explain why dynein is able to apply less force than some homo-
hexameric AAA+ motors (Mallik et al., 2004, Amit et al., 2004, Maier et al., 2002). It is
possible that the hexameric design of proteolytic AAA+ ATPases allows them to act as
very powerful motors.
The sixfold symmetry of AAA+ unfoldases has interesting implications for interactions
with their partner proteases. For some - including ClpXP, CIpAP, and the 26S
proteasome - this subunit organization means that there is a mismatch between the 6-fold
symmetric ATPase and the 7-fold symmetric protease. Symmetry mismatches are also
observed for other molecular motors that carry out a vectorial process, such as the F,-F0
ATPase which has been shown to behave as a rotary motor (Noji et al., 1997, Weber and
Senior, 2003), as well as bacteriophage DNA-packaging motors (Hendrix R.W., 1978).
For the proteases, the mismatch could prevent the maintenance of stable pairwise
interactions, allowing the mismatched rings to rotate relative to one another more easily
(Hendrix R.W., 1978), and to drive directional movement of substrate polypeptide
through the proteolytic pore in a screw-like fashion (Beuron et al., 1998). A symmetry
mismatch can not be required for ATP-dependent proteases to function, however,
because the HslU ATPase and HslV protease are both six-fold symmetric (Sousa et al.,
2000). Moreover, the FtsH and Lon proteases whose oligomeric states are probably
hexameric (Krzywda et al., 2002, Botos et al., 2004) are composed of individual subunits
containing both ATPase and proteolytic domains fused in one polypeptide, thereby
enforcing a 1:1 ATPase:protease interaction. It is unknown whether symmetry
mismatches confer any advantage with respect to force generation or proteolysis.
The oligomeric structures of AAA+ enzymes may allow them to sense the state of ATP
hydrolysis in individual subunits and to coordinate overall hydrolysis within the complex.
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Members of the AAA+ family are P-loop NTPases that contain a characteristic set of
conserved sequence regions that typically span 200-250 amino acids (Neuwald et al.,
1999). These conserved motifs appear within the context of an ap subdomain and a
smaller a-helical subdomain. ATP binds between the two domains of a single subunit,
and between the large domains of adjacent subunits (Fig. 2). The most conserved
sequence motifs have roles in binding, hydrolyzing, and/or sensing ATP (see Neuwald et
al., 1999, Iyer, et al., 2004, Ogura and Wilkinson, 2001, and references therein). The
Walker-A or P-loop motif literally loops around part of the triphosphate chain of ATP.
An acidic residue in the Walker-B motif has been implicated in metal binding and
priming a water molecule for nucleophilic attack upon the y-phosphate. The sensor-1
motif utilizes a polar asparagine or threonine to hydrogen bond with the y-phosphate of
ATP and is thought either to sense the hydrolysis state of the bound nucleotide or to
mediate interactions important for hydrolysis. The sensor-2 and box-VII motifs both bear
highly conserved arginine residues that are directed towards the bound ATP molecule.
The sensor-2 motif helps sense the ATP state within a single AAA+ subunit, and the box-
VII arginine is oriented such that it can sense the nucleotide bound state of the
neighboring AAA+ subunit. Recent experiments suggest that this latter arginine is used
to coordinate the ATP states of adjacent subunits within the hexamer (Hishida et al.,
2004, A. Martin, MIT, manuscript in preparation). Small differences in these core
sequence motifs among different AAA+ proteins probably explain differences in their
ability to bind and hydrolyze ATP.
Individual AAA+ proteins often have specialized domains in addition to the AAA+ ap
and a-helical domains. For some AAA+ unfoldases, these protein-specific domains have
been implicated in the targeting of substrate proteins to the proteolytic complex either by
directly binding to the substrate, or by binding adaptor complexes that deliver substrate
AAA+ domain 1
small
large
domain
AAA+ domain 2
/
Lall
ain
Walker-B
Figure 2 - Important AAA+ domain structural motifs. (A) The ribbon structure of two
adjacent HslU subunits within a hexameric ring. Each subunit is colored as different
shades of pink or blue, with the larger cat domains colored magenta and blue, and the
smaller a domains in peach and cyan. ATP is shown as stick representations. (B)
Individual AAA+ motifs involved in the binding and/or hydrolysis of ATP. Coloring as
in "A". Figure adapted from Sauer et al., 2004.
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proteins (discussed below, reviewed in Maurizi and Xia, 2004). In some instances, these
accessory domains are also thought to contribute to hexamer stabilization (Wojtyra et al.,
2003).
What conformational changes result from ATP binding and hydrolysis within a AAA+
domain? Low-resolution EM images of some AAA+ ATPases show a rotation of the
hexameric ring in the ATP-bound state relative to an ADP or unliganded form (Rouiller
et al., 2000). Higher resolution crystal structures of HslUV in varying nucleotide states
show that there is a modest movement of the a-helical domain away from the ap3 domain
(Wang et al., 2001). This movement propagates throughout the ATPase ring, resulting in
changes in both the pore size and alignment of the unfoldase relative to the HslV protease
complex. One proposed model suggests that the movement of the af and a domains
could lead to an up-down motion that provides a mechanical unfolding force (Wang et
al., 2001). However, the lack of structures with bound substrates, uncertainty about
nucleotide states in the structures that do exist, and the fact that many of these structures
might represent non-functional states (Burton et al., 2005), have hampered understanding
of the conformational changes during the ATPase cycle.
In summary, structural and biochemical studies suggest that AAA+ ATPases associated
with proteasomes somehow unfold substrate proteins and transfer them through narrow
apertures into the lumen of the protease where they are degraded.
Targeting the degradation of substrate proteins
To avoid indiscriminate degradation of proteins by AAA+ proteases, cells have
developed various modes of substrate recognition. Early studies in bacteria recognized
the importance of short peptide sequences at the termini of proteins in determining their
degradation rates (Bowie and Sauer, 1989, Parcell et al., 1990). Indeed, numerous
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studies since have demonstrated that substrate recognition in prokaryotes can be as
simple as the direct binding of short polypeptide sequences, referred to as degradation
tags or signals, to the unfoldase subunit of these proteases (Keiler et al., 1996, Levchenko
et al., 1997, Garciarz-Swiatek et al., 1999). Currently, the best-characterized degradation
signal is the ssrA tag, an l -amino-acid sequence appended to the C-termini of
polypeptides that stall during translation (Keiler et al., 1996). This system ensures the
proteolysis of incomplete translation products by ClpXP and other proteases, and the
mere presence of this ssrA tag appears to render any protein susceptible to degradation.
ClpX-recognition signals have been extensively characterized by mutagenesis of known
substrates (Gottesman et al., 1998, Garciarz-Swiatek et al., 1999, Flynn et al., 2001) and
by a large-scale proteomics approach (Flynn et al., 2003) revealing at least five major
classes of recognition motifs. These recognition motifs span stretches of 3 to 11 amino-
acids and are usually present at either the N-terminus (three classes) or C-terminus (two
classes) of substrate proteins (Flynn et al., 2003). Although most substrates appear to
have just one recognition element, there are instances in which at least two distinct
recognition motifs exist in one substrate. Moreover, some degradation sequences are
recognized by more than one AAA+ unfoldase. For instance, the ssrA degradation tag is
recognized by both the ClpAP and ClpXP proteases, although in slightly different ways
(Gottesman et al., 1998, Flynn et al., 2001).
Positioning of the degradation tag at either termini of a native polypeptide probably
allows the tag to be more accessible for protease binding. However, the accessibility of
degradation signals can also be regulated. For example, the tag could be masked during
an interaction with a binding partner, or exposed during unfolding events that result from
stressful environmental conditions. Some degradation signals that normally exist at the
N- or C-termini can signal degradation even when they are present at internal positions
within a polypeptide chain, although internal signals may be non-functional for motifs
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that require free a-amino or a-carboxyl groups (Hoskins et al., 2002). The degradation
signals of the LexA repressor are masked by this mechanism and by the native fold of the
protein structure (Neher et al., 2003). In response to DNA damage, however, activated
RecA protein induces autocatalytic cleavage of LexA that exposes and/or activates latent
degradation signals and the two resulting fragments are subsequently degraded by ClpXP.
Thus, regulated autocleavage causes LexA destruction at a biologically appropriate time.
Substrate proteins can also bind to prokaryotic AAA+ proteases by indirect tethering
interactions. For instance, one subunit of the UmuD/D' heterodimer docks with the
AAA+ unfoldase and presents a weak substrate degradation signal that leads to the
degradation of the partner subunit (Neher et al., 2003). In some instances, specialized
adaptor complexes deliver substrate proteins. One adaptor, the dimeric SspB protein,
binds to sequences in the N-terminal portion of the ssrA tag and mediates delivery of
these tagged proteins by leashing the complex to the N-terminal domain of ClpX via
extended flexible tails (Wah et al., 2003, Levchenko et al., 2003). Delivery increases
binding of the ssrA tag to ClpX about five-fold by using the binding energy of the
tethering interactions to increase the effective concentration and allow faster binding
(Levchenko et al., 2000, Bolon et al., 2004). Interestingly, SspB binds some of the same
residues in the ssrA tag as the ClpA unfoldase and therefore blocks degradation of ssrA-
tagged proteins by the ClpAP protease (Flynn et al., 2001). This finding suggests that
adaptor complexes can divert the traffic of substrate proteins from one protease to
another, perhaps in response to different substrate loads or environmental cues. In fact,
environmental cues are known to play a role in the proteolytic targeting of the stationary
phase transcription factor os by the RssB adaptor complex (Zhou and Gottesmen, 1998,
Zhou et al., 2001).
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Although degradation of proteins by the 26S proteasome in eukaryotes involves the
coordinated effort of a large number of specificity factors (reviewed Hershko and
Ceichanover, 1998), the basic targeting methodology mirrors the tethering mechanism of
prokaryotic adaptor complexes (Prakash et al., 2004, Kenniston and Sauer, 2004).
Instead of simple peptide signals, eukaryotic proteins are marked for degradation through
the post-translational attachment of a poly-protein chain consisting of the 76-residue
protein, ubiquitin. Several classes of enzymes perform this tagging function, with diverse
family members responsible for tagging specific protein partners with the polyubiquitin
chain. The polyubiquitin chain mediates the localization of attached proteins to the
proteasomal machinery via contacts between chains composed of at least four ubiquitin
molecules and subunits in the proteasome regulatory cap (Thrower et al., 2000, Lam et
al., 2002). Once tethered, AAA+ unfoldase subunits of the proteasome engage
unstructured regions of the substrate in a fashion that appears to be sequence independent
(Prakash et al., 2004). Varying the placement of the unstructured region relative to the
polyubiquitin tether reveals some structural constraints for the presentation and therefore
engagement of loose structure, but also show that there is significant conformational
flexibility within the tethering arrangement reminiscent of the flexible tethers that leash
SspB to ClpXP (Wah et al., 2003). Thus, although there are significant differences in the
targeting apparatus for prokaryotic and eukaryotic AAA+ proteases, it appears that
similar mechanistic principles are used.
Disrupting protein folding
Before discussing how AAA+ molecular machines may unfold substrate molecules, I will
briefly discuss the non-covalent forces that stabilize specific tertiary conformations of
proteins and how these forces allow substrate proteins to resist denaturation. Protein
stability is generally considered to result from a combination of hydrogen bonds, van der
Waals attractions, electrostatic interactions, and hydrophobic interactions (reviewed in
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Creighton, 1993). Although there are an enormous number of specific contacts that hold
the folded protein together, the overall net stability tends to be relatively small because of
the large entropic cost associated with ordering the polypeptide chain and the enthalpic
cost of desolvation of charged and polar residues. For some proteins, it is relatively easy
to tip the scales towards unfolding by small environmental changes such as those induced
by temperature, pressure, pH, or chemical denaturation. In contrast, very stable proteins
require significantly greater environmental perturbations to disrupt their native structures.
Complete unfolding of individual protein domains generally occurs in a cooperative all-
or-none fashion, but hydrogen-exchange experiments reveal that distinct areas of local
structure within proteins can exhibit differences in stability (Bai et al., 1995, Chamberlain
et al., 1996). For instance, studies of a thermophilic RNase H variant revealed that the
compact hydrophobic core of the protein exhibits local stability similar to the value
observed for global denaturation, whereas some structural elements were significantly
less stable (Hollien and Marqusee, 1999). These weaker regions of local structure
appear to "breathe" relative to the protein hydrophobic core, probably as a result of
transient structural distortions that may include local unfolding and refolding.
The kinetic properties of protein folding/unfolding depend on the pathways used to go
from one state to the other, whereas the thermodynamic properties only depend on the
energies of the folded and unfolded states. This principle is evident in single-molecule
experiments that probe a defined unfolding pathway by mechanically pulling proteins
apart from specific attachment points. Atomic force microscopy (AFM) experiments
demonstrate that vastly different forces are required to mechanically denature proteins
depending on where the force is applied, even though each protein molecule starts with
the same average thermodynamic stability (Brockwell et al., 2003, Carrion-Vasquez et
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al., 2003). Consider disrupting a simple model -sheet by pulling apart the two strands
from the same end versus opposing ends (Fig. 3). By pulling from the same (cis) end, the
strands can be separated one hydrogen bond at a time in a zipper-like fashion with a
series of low-energy barriers that can be crossed using low forces. However, when a
force is applied on opposing ends (trans), all bonds need to simultaneously disrupt to
shear the -sheet, resulting in a high resistance to mechanical deformation. Because
mechanical unfolding always involves a defined pathway, proteins can have very
different properties with respect to mechanical versus thermodynamic stability. Indeed,
some proteins, such as the 127 domain of the titin protein in muscle, can withstand
tremendous mechanical forces both in the cell and in AFM experiments but are
metastable with respect to global thermodynamic unfolding (Horowits et al., 1986,
Marszalek et al., 1999, Granzier and Labeit, 2002, Carrion-Vazquez et al., 1999)
How might a AAA+ unfoldase induce denaturation? Could they act like a local chemical
denaturant by reducing the cost of the hydrophobic effect? Might they destabilize
substrates by creating strong electric fields? Are native proteins mechanically pulled
apart? Do these enzymes just passively trap transiently unfolded states and only utilize
the AAA+ motor to actively transfer substrates to a proteolytic partner? Before
addressing these questions, I will first discuss some chaperone proteins that have a well-
characterized influence on the folding of proteins.
Chaperone-mediated protein folding
Within the cell, proteins must adopt their native fold not only when they are first
synthesized by the ribosome, but also when unfolding events occur spontaneously or are
induced during environmental stress. Multiple factors can cause proteins to fold
improperly even in optimal conditions in vitro, but this problem is amplified in the
cellular environment where the extremely high concentration of proteins and other cell
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components can cause misfolding or aggregation. To prevent or even reverse misfolding,
all cells utilize protein-folding chaperones (Fink, 1999, Hartl and Hayer-Hartl, 2002).
Some chaperones act passively to prevent aggregation by binding to hydrophobic patches
in unfolded polypeptides, or can facilitate protein folding via disulphide-isomerase or
prolyl-isomerase activities. In more complex cases, the chaperone mechanism is an
active process driven by ATP binding and hydrolysis. I will focus on two examples of
this latter chaperone type: the Hsp70/DnaK and Hsp60/chaperonin families.
The bacterial DnaK family of chaperones (Hsp70 in eukaryotes) plays a major role in
blocking aggregation of newly translated polypeptides and preventing premature folding
of partially synthesized proteins (Nelson et al., 1992, Teter et al., 1999). DnaK is a
monomeric protein with an N-terminal ATPase domain and a C-terminal substrate-
binding domain. Structural studies with model hydrophobic peptides reveal that a
hydrophobic cleft in this C-terminal domain is responsible for binding substrate proteins.
The ability of DnaK to interact with substrates is modulated by the ATP state of the N-
terminal domain (Zhu et al., 1996). Substrates are rapidly bound and released by DnaK
in the ATP-bound form, but a co-chaperone, DnaJ (or Hsp40 in eukaryotes), promotes the
hydrolysis of ATP and concomitant conversion to an ADP-bound form that has higher
substrate affinity (Liberek et al., 1991, Langer et al., 1992). It should be noted that DnaJ
has chaperone activities on its own, and some studies suggest that it may supply DnaK
with substrate proteins (Szabo et al., 1994). In E. coli, the GrpE nucleotide exchange
factor promotes the release of ADP, and subsequent binding of ATP converts DnaK to its
low-affinity state, thereby allowing substrate release (Liberek et al., 1991). There are no
homologues of GrpE in eukaryotes, however, other exchange factors play an analogous
role (Takayama and Reed, 2001). The iterative cycles of binding and release of unfolded
substrates from DnaK are thought to provide the released polypeptide with an opportunity
to fold properly without interference from high concentrations of other unfolded proteins.
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The bacterial GroEL chaperone of the Hsp60 family uses a similar but more intricate
approach to promote protein folding. Crystallographic and EM studies show that GroEL
is formed by 14 identical subunits organized into two separate seven-member rings,
which stack back-to-back to form two separate chambers (Braig et al., 1994, Boisvert et
al., 1996). Individual GroEL subunits consist of three distinct domains; an equatorial
domain that forms the interface of the two heptameric rings and binds and hydrolyzes
ATP, an apical domain that presents a hydrophobic surface on the inside of the chamber
for substrate binding (Fenton et al., 1994), and an intermediate domain thought to help
coordinate nucleotide-dependent conformational changes. The apical domain also
interacts with the heptameric co-chaperone GroES that binds to open ends of the GroEL
complex and stabilizes formation of an extended, closed chamber conformation (Xu et
al., 1997). Numerous elegant studies have revealed the complex mechanism used by this
chaperone (Fig. 4; Weissman et al., 1995, Weissman et al., 1996, reviewed in Young et
al., 2004). Briefly, unfolded segments of proteins bind the apical domain of an "open"
chamber that is paired with a trans ring of GroEL*ADP/GroES. Binding of ATP and
GroES to the cis ring drives a conformational change that releases the substrate into an
enclosed chamber of GroEL that is now hydrophilic, where the protein can fold without
interference. Following ATP hydrolysis to ADP in the cis ring and ATP binding in the
trans ring, the protein substrate dissociates from GroEL and may rebind if successful
refolding has not occurred. This binding and release mechanism can at least partially
unfold some protein substrates and consequently could release some protein folding
intermediates that are kinetically trapped (Zahn et al., 1994, Zahn et al., 1996). The
rationale for this partial unfolding is controversial, however. Some suggest that this
binding and release mechanism actually mechanically unfolds protein substrates
(Shtilerman et al., 1999, but also see Park et al., 2005). Many others suggest that GroEL
GroEL ri
GroEL DP
GroES
native
substrate
unfolded/misfolded
substrate
O
Figure 4 - Mechanism of protein folding by the GroEL/ES chaperone. (1) Unfolded
proteins bind to a hydrophobic patch of a GroEL complex that is paired with a trans ring
of GroEL*ADP/GroES (colored red). (2) Binding of ATP and GroES to the substrate
bound GroEL ring forms the cis complex (blue), inducing a conformational change that
sequesters the substrate in a hydrophilic chamber. (3) Substrate is allowed to fold within
the cis chamber with a time-frame set by the rate of ATP hydrolysis in this complex. (4)
Binding of ATP to the trans ring induces the release of substrate in either a native or non-
native state, with non-native substrates rebinding and continuing through the GroEL/ES
cycle until successfully folded
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simply binds more tightly to unfolded or partially unfolded states and thereby shifts the
equilibrium towards denaturation (Zahn and Pluckthun, 1994, Zahn et al., 1996, Clarke
and Frieden, 1999, Bhutani and Udgaonkar, 2000, Chen et al., 2001). GroEL might be
considered as a bridge between the DnaK type chaperones, which promote folding by a
binding/release mechanism, and the AAA+ unfoldases, which form oligomeric structures
that hydrolyze ATP to unfold substrate proteins.
Protein unfolding and translocation by the AAA+ ATPases
As previously discussed, the basic architecture of ClpXP and related AAA+ proteases
strongly suggests that protein substrates must be unfolded before they are translocated
through the pores leading into the sequestered proteolytic active sites. Early biochemical
work demonstrated that ATP binding stabilized oligomeric assembly of the ATPase
complex (Grimaud et al., 1998), but active cycles of ATP binding, hydrolysis, and release
were required for the degradation of even short unfolded polypeptides (Thompson et al.,
1994). Although the nucleotide state does appear to influence pore and portal size, most
unfolded chains are too large to diffuse into the protease. Thus, ATP hydrolysis is
required for unfolded polypeptides to be transferred, or translocated, into the proteolytic
chamber. As discussed below, the same enzymatic cycle that drives translocation may
also power substrate denaturation.
Earlier studies suggested more traditional chaperone activities of the AAA+ subunits,
including protein refolding and oligomer disassembly by analogy with the better
characterized DnaK and GroEL chaperones (Wickner et al., 1994, Wawrzynow et al.,
1995, Levchenko et al., 1995, Braun et al., 1999). However, subsequent studies
demonstrated that AAA+ unfoldases could denature proteins that were
thermodynamically very stable and then translocate these substrates into the lumen of the
protease chamber (Weber-Ban et al., 1999, Singh et al., 2000, Kim et al., 2000,
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Benaroudj and Goldberg, 2000). This robust unfoldase activity and the ability to
directionally translocate substrates clearly distinguishes AAA+ ATPases from other
ATP-dependent chaperones.
To explain how AAA+ enzymes unfold substrates, early proposals suggested a "trapping"
model similar to that proposed for the partial unfolding induced by GroEL, whereby the
unfoldase drives the unfolding equilibrium by trapping denatured molecules. This model
appeared plausible because both ClpA and the proteasome base particle (the AAA+
ATPase for the eukaryotic proteasome) were observed to bind non-specifically to
unfolded proteins without substrate degradation tags (Braun et al., 1999, Benaroudj et al.,
2000, Hoskins et al., 2000). Moreover, even though ClpX only seemed to interact with
unfolded substrates with recognition tags, some experiments suggested that regions
present in the unfolded state might mediate additional contacts with ClpX (Singh et al.,
2000). In contrast, other observations demonstrated that the substrate recognition tag is
the primary determinant for substrate binding and that the attached protein does not
influence this interaction (Kim et al., 2000, Burton et al., 2001a, Kenniston et al., 2003).
Additionally, comparison of the unfolding rates of model substrates in the presence and
absence of ClpXP suggested that ClpX and other AAA+ ATPases must actively catalyze
denaturation (Kim et al., 2000). For example, green fluorescent protein bearing an ssrA
tag (GFP-ssrA) unfolds spontaneously on a time scale of many years but is unfolded
enzymatically in about one minute.
If substrate proteins are actively unfolded by AAA+ ATPases, then how does the stability
of the substrate protein influence how readily it is denatured? Experiments with ssrA-
tagged Arc repressor variants with a range of thermodynamic stabilities demonstrated
that their rate of degradation by ClpXP was only weakly correlated with global stability
(Burton et al., 2001a). Specifically, only a two-fold difference in degradation rate was
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observed between a hyperstable Arc-ssrA variant (only 1 in 10'0 molecules are unfolded
at equilibrium) and a highly destabilized Arc-ssrA variant (50% of the protein molecules
are unfolded). What accounts for this poor correlation between thermodynamic stability
and susceptibility to proteolysis by a AAA+ protease? First, it is possible that some other
step is rate limiting for the degradation of Arc-ssrA variants so that substrate denaturation
only makes a small kinetic contribution to the observed degradation rate. If so, ClpXP
might be a tremendously powerful machine for which denaturation of protein tertiary
structure is a minor impediment to overall degradation. In this latter case, the stability of
the substrate would not change the rate-limiting processing steps that drive substrate
degradation. Indeed experiments with the archaeal PAN AAA+ unfoldase and associated
proteasome suggested that substrate denaturation makes no contribution to the observed
rate of substrate degradation (Benaroudj et al., 2003).
Matouschek and colleagues proposed an interesting alternative to explain the seemingly
contradictory observations regarding the importance of substrate stability in determining
degradation by macromolecular proteases (Lee et al., 2001, Matouschek, 2003). They
examined the proteolysis of wild-type and circular permutation variants of barnase and
dihydrofolate reductase (DHFR) bearing N- and C-terminal degradation tags by ClpXP,
ClpAP, and the eukaryotic proteasome (Lee et al., 2001). Interestingly, the binding of
ligands to DHFR and barnase stabilized these variants against degradation in some
contexts, but not in others. For example, barnase constructs with N-terminal degradation
signals were efficiently degraded even when globally stabilized against spontaneous
unfolding by the binding of the ligand barstar. In contrast, ligand binding did stabilize
barnase against proteolysis when degradation was initiated from C-terminal recognition
tags. The context dependence did not reflect differences in overall thermodynamic
stability of the proteins and was therefore due to some other structural feature of the
ligand interaction with substrate. Moreover, the differences in proteolytic susceptibility
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were not caused by differences in substrate recognition since experiments with multi-
domain fusion proteins demonstrated that stable domains resisted denaturation even when
an attached domain had been engaged and unfolded by the proteolytic machinery.
Importantly, this latter observation also directly demonstrated that degradation
intermediates could exist as a result of inefficient substrate unfolding, and therefore
revealed that denaturation can be a rate-limiting process. To account for the observed
differences in susceptibility towards degradation, Matouschek and colleagues argued that
local, rather than global, protein stability determined how well a protein substrate resists
enzymatic denaturation. The integrity of structural interactions abutting the substrate
degradation tag, but not necessarily overall thermodynamic stability, would be important
if the AAA+ unfoldases initiate unfolding by peeling the substrate apart from the first
structural element that it encounters.
The local structure model is attractive on a mechanistic level because the ordered
disruption of protein secondary structure from the initial contact with recognition
elements simplifies the number of unique mechanisms required for the degradation
process. Combining the local unfolding model with the related observations that some
recognition tags mediate contact with the pore of the AAA+ unfoldase (Siddiqui et al.,
2004, Schlieker et al., 2004), and that these primary recognition sequences are the first
part of the substrate polypeptide to enter the proteolytic lumen (Reid et al., 2001), suggest
the following basic model (Fig. 1, Chapter Two, p. 51): The AAA+ ATPase hexamer
binds to peptide degradation tags of the substrate protein and engages the substrate by
pulling this tag into the pore of the complex. The engaged residues will be translocated
into the pore until native protein structure resists further transfer. The mechanical
movement that drives polypeptide translocation could also drive substrate denaturation
when the AAA+ machine attempts to pull the native substrate into a small pore, thereby
applying a force to unfold the attached element of protein structure. Because of the
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cooperativity of protein folding, enzymatic disruption of just part of the protein structure
would generally lead to global unfolding. The AAA+ protease would then continue to
translocate the denatured substrate into the proteolytic chamber for degradation.
Experiments with small peptides reveal that once inside the degradation chamber, peptide
hydrolysis and release occur very fast relative to prior enzymatic steps (Thompson and
Maurizi, 1994, Thompson et al., 1994).
Research approach
Although the local structure model is appealing, the lack of detailed structural
information about regional stability in the protein substrates used in the studies
mentioned above is problematic. Moreover, it was not known how different proteolytic
substrate processing steps contribute to observed rates of degradation of specific
substrates, nor how ATP is utilized in each of these processing steps. To address these
issues, I chose to study the ClpXP-mediated degradation of two model substrate proteins
with well-defined mechanical and thermodynamic stability parameters that could be
localized to specific structural motifs. Specifically, I focused on the 127 domain of the
titin protein and a RNase H variant from the thermophile T. thermophilus.
The titin protein 127 domain has been shown to withstand immense pulling forces in
AFM experiments, a property that is thought to contribute to the elastic response of the
titin protein to stretching forces in vivo within muscle cells (Marszalek et al., 1999,
Horowits et al., 1986, Granzier and Labeit, 2002). Extensive AFM and molecular
dynamics simulation studies with titin-127 stability mutants demonstrate that this
remarkable ability to resist AFM unfolding (Fig. 4A) results from the stability of the A'-
G -sheet interaction (Li et al., 2000, Lu et al., 1998, Lu and Schulten, 2000). It has been
proposed that the A'-G -sheet resists AFM mechanical deformation because the
titin protein 127 domain
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Figure 5 - Protein substrates used in this study. (A) The titin protein I27 domain (PDB
ITIT ribbon structure shown here) resists mechanical unfolding by AFM forces, which
pull the N- and C- termini in opposing directions, largely because of the A'-G n-sheet at
the C-terminus. (B) A ribbon model of an RNase H variant depicting the varied local
thermodynamic stability of backbone structure. The colored side-bar shows the free
energy of unfolding (AGu) values determined for individual backbone amide hydrogen
atoms as determined by NMR hydrogen-exchange experiments. Reprinted with
permission from Hollien and Marqusee, 1999 (Copyright National Academy of Sciences,
U.S.A.).
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directional pulling applies an opposing force similar to the trans force discussed above
(Fig. 3), whereby all six hydrogen bonds in this -sheet would have to be disrupted
simultaneously (Carrion-Vasquez et al., 2000). AFM experiments also reveal that the N-
terminal A-B -sheet also resists mechanical deformation, albeit at a lower force
(Marszalek et al., 1999). Interestingly, removal of this A-B interaction results in a
partially unfolded titin-I27 intermediate that retains much of the folding characteristics of
the native structure (Marszalek et al., 1999, Fowler et al., 2002). Pertinent to my studies,
both the A-B and A'-G P-sheets involve strands at either the N- or C-termini of the titin-
127 domain. Thus, attachment of degradation tags to either end of titin-I27 stability
variants should reveal how these mechanically defined elements influence degradation by
ClpXP.
The well-characterized local thermodynamic properties of a thermophilic RNase H
variant make this protein useful for examining how local thermodynamic stability
contributes to the resistance of enzymatic unfolding. As discussed above, NMR
hydrogen-exchange experiments measured the thermodynamic stability of specific
structural elements within different regions of this RNase H variant (Hollien and
Marqusee, 1999). These studies revealed that regional elements of the native RNase H
protein exhibit varying degrees of thermodynamic stability (Fig. 4B). Structural motifs
within the hydrophobic core spontaneously unfold with values matching the overall
global protein stability, but some surface structures were significantly less stable,
suggesting that they may transiently unfold relative to the protein as a whole. Initiating
degradation at these varying structural motifs should allow correlations between local
protein stability and susceptibility to denaturation by ClpXP.
To determine how the mechanical and thermodynamic stabilities of substrates influence
degradation, an ssrA tag was appended to titin-I27 and RNase H stability variants, and
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the rate of ClpXP-mediated degradation of these tagged substrates was determined
(Chapters 2-5). These studies allowed me decipher how the substrate denaturation and
translocation steps kinetically contribute to the overall degradation process and how these
individual steps consume ATP. I found that the local stability of structural elements that
are first encountered by the unfoldase is important in modulating how fast ClpXP can
denature substrate molecules, although the geometry with which the unfolding force is
applied may also have a bearing on resistance to enzymatic unfolding. For many
substrates, both the denaturation and translocation steps are co-rate-determining for the
overall degradation process. When substrates are too stable to be denatured in a single
unfolding cycle, they partition between successful denaturation and non-productive
release from the proteolytic complex. For these substrates, efficient denaturation by
ClpXP requires repeated unfolding attempts. This persistent mechanism allows ClpXP to
denature extremely stable substrates, prevents such substrates from being jammed in the
unfolding machinery, and ensures that this AAA+ ATPase uses ATP economically by
preferentially degrading substrates that are easier to denature. These activities may be a
general feature of AAA+ ATPases and may contribute to the ability of these molecular
machines to perform mechanical work.
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ABSTRACT
Proteolytic machines powered by ATP hydrolysis bind proteins with specific peptide
tags, denature these substrates, and translocate them into a sequestered compartment for
degradation. To determine how ATP is used during individual reaction steps, we assayed
ClpXP degradation of ssrA-tagged titin variants with different stabilities in native and
denatured forms. The rate of ATP turnover was 4-fold slower during denaturation than
translocation. Importantly, this reduced turnover rate was constant during denaturation of
native variants with different stabilities, but total ATP consumption increased with
substrate stability, suggesting an iterative application of a uniform, mechanical unfolding
force. Destabilization of substrate structure near the degradation tag accelerated
degradation and dramatically reduced ATP consumption, revealing an important role for
local protein stability in resisting denaturation. The ability to denature more stable
proteins simply by using more ATP endows ClpX with a robust unfolding activity
required for its biological roles in degradation and complex disassembly.
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INTRODUCTION
Intracellular AAA+ ATPases function in degrading proteins, transporting cargo along
microtubules, fusing vesicles, driving protein secretion, dismantling hyperstable
oligomeric structures, resuspending protein aggregates, and unwinding double-stranded
nucleic acids (Neuwald et al., 1999; Vale, 2000; Langer, 2000; Ogura & Wilkinson,
2001). All cells contain compartmentalized AAA+ proteases in which one or more
ATPases act to bind substrates, denature these molecules, and translocate the denatured
polypeptide into a protected proteolytic chamber for degradation (Langer, 2000). In
eukaryotes, the proteasome is a prominent AAA+ degradation machine. In bacteria,
ATPases of the Clp/HSP100 family power energy-dependent degradation for the ClpXP,
ClpAP, Lon, HslUV, and FtsH proteases.
Many questions about the mechanisms employed by this ubiquitous family of AAA+
proteases remain unresolved. Does protein denaturation occur by mechanical application
of force? How is resistance to degradation related to protein stability? Does ATP
consumption vary with native protein stability? How is ATP utilized during individual
steps in the degradation reaction? Moreover, despite the sequence and architectural
similarities between different AAA+ enzymes, recent studies highlight what appear to be
significant differences. For instance, unfolding of a GFP substrate appears to be
kinetically irrelevant for degradation by the archaeabacterial PAN/20S protease
(Benaroudj et al., 2003), an impediment to degradation by ClpXP (Kim et al., 2000), and
a step that the FtsH protease is unable to perform (Herman et al., 2003).
Our attention has been focused on E. coli ClpXP, a well characterized AAA+ machine
that destroys proteins bearing specific degradation signals (Gottesman et al., 1998;
Gonciarz-Swiatek et al., 1999; Flynn et al., 2003). For example, the 11-residue ssrA
degradation tag, which is added to the C terminus of proteins unable to complete normal
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translation (Keiler et al., 1996), targets any protein for ClpXP degradation. Fig. 1
summarizes our current view of the ClpXP degradation cycle. The active-site residues of
the ClpP peptidase are located in an internal chamber accessible through restricted entry
portals (Wang et al., 1997). ClpX, a hexameric AAA+ ATPase, catalyzes both the ATP-
dependent denaturation of protein substrates and their energy-dependent translocation
into ClpP for degradation (Kim et al., 2000; Singh et al., 2000; Ortega et al., 2002).
Because substrate degradation and product release by ClpP are fast (Thompson and
Maurizi, 1994; Thompson et al., 1994), the binding, denaturation, and translocation steps
should be the principal determinants of the rate of ClpXP protein degradation.
How does the stability of proteins affect their rate of degradation by ClpXP?
Experiments using ssrA-tagged variants of different proteins show that ClpX-mediated
denaturation is an active process and modulating stability through mutations or ligand
binding affects degradation in some but not all cases (Kim et al., 2000; Burton et al.,
2001a; Lee et al., 2001). To explain this variability, Matouschek and colleagues
proposed that the local stability of structure adjacent to the degradation tag rather than
global stability determines the rate of protein denaturation and subsequent degradation
(Lee et al., 2001; Matouschek, 2003). This model makes sense if ClpXP initiates
unfolding by "pulling" on the degradation tag and therefore must unravel the adjacent
structure first. However, changes in the structural properties of substrates might also
influence ClpXP degradation in other ways, and thus determining the effects of substrate
alterations on the binding, denaturation, and translocation steps of the overall reaction is
important for understanding the mechanism of this ATP-dependent protease.
ClpP
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ClpX
ATPase
native
protein
ATP
ADP
DENATURE
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ATP
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Figure 1. Steps in ATP-dependent degradation of native protein substrates by a
compartmentalized AAA+ protease such as ClpXP. The front half of the ATPase and
peptidase complex has been removed to allow a view of the protein processing pore of
ClpX and the proteolytic chamber of ClpP. Although degradation and release almost
certainly begin to occur before the complete denatured polypeptide has been translocated,
for simplicity, the reaction is shown as consisting of discrete translocation, degradation,
and release steps.
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To deconvolute the steps and energy requirements for ClpXP degradation, we sought a
model substrate and variants with four features: (1) known or determinable native
stabilities; (2) the existence of soluble denatured variants; (3) well characterized stability
to mechanical unfolding by atomic-force microscopy (AFM); and (4) the availability of
variants displaying a range of local protein stabilities at the C terminus, the site of ssrA
tagging. As discussed below, an ssrA-tagged variant of the 127 domain of titin fulfills
each of these criteria.
Here, we show that binding to ClpXP per se does not destabilize titin substrates and that
structural elements proximal to the degradation tag of titin resist ClpXP-mediated
denaturation. Our studies dissect the denaturation and translocation steps of degradation,
show that either step can be rate determining, demonstrate that ATP consumption varies
dramatically with the resistance of the substrate to denaturation, and support a model in
which denaturation requires numerous repeated applications of a uniform, mechanical
unfolding force.
RESULTS
Native and denatured titin variants
To examine ClpXP degradation of a set of native proteins with the same basic structure
but different stabilities, we selected the wild-type titin-127 domain and a group of five
mutants with amino-acid substitutions (V4A, Y9P, V11P, V13P, and V15P) that alter the
equilibrium and/or AFM-induced unfolding of untagged titin (Carrion-Vasquez et al.,
1999; Marszalek et al., 1999; Li et al., 2000; Fowler and Clarke, 2001; Fowler et al.,
2002). This domain has a simple immunoglobulin fold (Fig. 2A) with a buried
tryptophan that provides a convenient fluorescent readout of folding status. To permit
ClpXP degradation, the ssrA tag was appended to the C terminus of each titin variant.
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Figure 2. Folding and stability of titin-I27-ssrA and variants. (A) Ribbon model of the
secondary structure of the titin-I27 domain (Improta et al., 1996; PDB code 1TIT). The
positions of single-substitution mutations, the C-terminal ssrA tag, and the sole
tryptophan are shown. (B) GuHCI-induced equilibrium denaturation of titin-I27-ssrA
and two stability variants assayed by changes in tryptophan fluorescence center-of-mass.
The CM-titin-I27-ssrA molecule showed no unfolding transition (upper panel). (C)
Kinetics of unfolding following a jump to 5 M GuHCI for titin-I27-ssrA and two stability
variants. Rate constants for these experiments and others performed at different
denaturant concentrations are plotted as a function of denaturant in the inset. Equilibrium
and kinetic stability parameters derived for native titin-I27-ssrA and its variants are listed
in Table 1. (D) Denatured titin-I27-ssrA (pH 11.5) and CM-titin-I27-ssrA (pH 7.5) have
random-coil far-UV CD spectra very different from that of native titin-I27-ssrA (pH 7.5).
(E) The fluorescence-emission spectra of titin-I27-ssrA denatured in 5 M GuHCI and
CM-titin-I27-ssrA are red-shifted to positions expected for complete solvent exposure of
the single tryptophan side chain, which is buried in the native protein.
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Four of the five titin mutants contained disruptions in the 3-sheet between the A' strand
and the G strand to which the ssrA tag was appended (Fig. 2A), allowing the importance
of the stability of the structural element attached to the degradation tag to be assessed.
Equilibrium and kinetic stabilities to GuHCI denaturation were determined for each titin-
I27-ssrA variant, demonstrating that these proteins display significantly different
stabilities in solution. The wild-type ssrA-tagged protein was the most stable, V13P was
the least stable variant, and the remaining mutants had intermediate stabilities (Table 1;
Fig. 2B & 2C).
To obtain a molecular mimic for the denatured state of titin-I27-ssrA, we used iodoacetic
acid to carboxymethylate two cysteines which are normally buried in the hydrophobic
core. Several observations showed that this chemically modified protein was, in fact,
denatured: (1) carboxymethyl (CM) titin-I27-ssrA had a circular-dichroism (CD)
spectrum expected for a random coil (Fig. 2D); (2) the fluorescence spectrum of its
tryptophan, which is buried and blue-shifted in native titin, was red-shifted to a solvent
exposed position in CM-titin-I27-ssrA (Fig 2E); and (3) CM-titin-I27-ssrA showed no
denaturation transition in GuHCI (Fig. 2B) or thermal melts (data not shown).
Carboxymethylated derivatives of the mutant titin proteins were also prepared and found
to be denatured and highly soluble, as was titin-I27-ssrA with cysteines modified by
reaction with N-ethylmaleimide.
Degradation of titin variants by CIpXP
Does the native structure of ssrA-tagged titin-127 slow proteolysis by ClpXP? Measuring
the release of acid-soluble peptides from 3 5S-labelled proteins, we found that ClpXP
degraded denatured CM-titin-I27-ssrA much faster than native titin-I27-ssrA (Fig. 3A).
56
Table 1. Effect of mutations on thermodynamic, kinetic, and mechanical stability of titin I27-ssrA
Variant AGa mD-N k HOb mN pN
(kcal mol') (kcal mol' M -l') (min') (kcal mol-' M-')
I27-ssrA 6.4 2.3 0.026 0.43 204
V4A-127-ssrA 4.4 2.5 0.17 0.64 204d
Y9P-I27-ssrA 4.5 2.6 0.13 0.84 266
V11P-I27-ssrA 3.5 3.0 19 0.35 143
V13P-I27-ssrA 2.9 2.7 32 0.19 132
V15P-127-ssrA 4.6 2.3 2.3 0.16 159
Errors in AG,, k,, and m-values are estimated to be 5-10%.
a AGu and mN values derived from fits of data like that shown in Fig. 2B.
b Values for k,' 0 and mt.N were derived from fits of data like that shown in Fig. 2C inset.
c pN values except for V4A-ssrA were calculated from AFM force extension curves at a pulling speed of 0.6 nm ms' as reported in Li
et al., 2000.
d The V4A mutation is reported to have no significant effect on the mechanical stability of the titin module (Fowler et al., 2002). We
set the pN value for V4A equal to that for wild-type titin-I27.
Hence, the folded structure of titin-I27 impedes degradation, suggesting that denaturation
is rate limiting for ClpXP proteolysis of this molecule. However, the V13P mutant was
degraded at a rate close to that of fully denatured titin (Fig. 3A). Although this mutant is
less stable than wild type, it is sufficiently stable so that 99% or more of the ensemble of
molecules are still folded in solution. As a result, both the structure and stability of
native titin appear to play roles in determining the degradation rate by ClpXP.
How do the distinct structural stabilities of the ssrA-tagged titin-I27 variants affect their
binding to and rates of proteolysis by ClpXP? To address these questions, steady-state
degradation rates were determined over a range of substrate concentrations for each titin-
I27-ssrA variant both in unmodified and carboxymethylated forms. In each instance, the
observed degradation rates displayed Michaelis-Menten saturation kinetics (Fig. 3B).
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Figure 3. Kinetics of ClpXP degradation of titin-I27-ssrA and variants. (A) Kinetics of
ClpXP degradation assayed by release of acid-soluble radioactivity from 35 S-labeled titin-
I27-ssrA (8 FM), the native V13P mutant (8 FM), or denatured CM-titin-I27-ssrA (8
FM). Degradation required ATP, ClpX, ClpP, and the ssrA-tagged form of titin-I27 (not
shown). (B) Michaelis-Menten plots of the dependence of ClpXP degradation rates on
the concentration of the titin-I27-ssrA or variant substrates. The "denatured" curve
represents average values for CM-titin-I27-ssrA and the three carboxymethylated mutant
variants. Fitted values for kdeg (Vmax/[ClpX6]) and KM are listed in Table 2. (C)
Degradation of a synthetic 18-residue peptide NH2-NKKGRHGAANDENYALAA-cooH
(20 FM) by ClpXP. (D) Relative to ATP, ATPyS supports slow ClpXP degradation of
denatured CM-titin-I27-ssrA (1 M). ClpXP hydrolyzes ATPyS approximately 25-fold
more slowly than ATP (Burton et al., 2003). In all images, the ClpXP concentration was
0.1 iiM in terms of the ClpX hexamer.
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Table 2. Effect of mutations on the steady state kinetic parameters for ClpXP degradation of titin-I27-ssrA.
ClpXP, kdeg a ClpXP, KM kden b ATPase rate c ATP per titin
I27-ssrA variant min 'l [ClpXP]6 ' (PM) (min ' ) min- [ClpXP] degradedd
wild-type 0.25 1.4 0.27 161 644
V4A 0.36 1.1 0.39 168 467
Y9P 1.5 1.6 2.3 217 145
V11P 2.9 2.9 8.9 356 123
V13P 3.1 2.3 11 366 118
V15P 0.85 1.5 1.1 200 235
CM wild-type 3.7 1.0 - 609 165
CM V4A 4.3 1.1 - ND ND
CM Y9P 4.5 1.6 - ND ND
CM V11P 4.3 1.3 605 141
CMV13P 4.9 1.3 582 119
CM V15P 3.7 1.4 - 639 173
NEM wild-type 4.6 1.5 - ND ND
Errors in kdeg and KM were estimated to be ± 10% based on replicate measurements. Errors in ATPase rates were + 7%.
a KM and kde, values for ClpXP degradation are from non-linear least squares fits of data like that shown in Fig. 3B.
b kden values calculated as (kt,,,*kde)/(k,,s-kdg) based on Fig. 1 model, assuming denaturation and/or translocation is rate-limiting.
c with 20 jM protein substrate and 2.5 mM ATP
d ATPase rate/kg.
Values of the rate constant for the overall degradation reaction (kdeg) varied from 0.25
min-' to 4.9 min-' (Table 2) and were highest for the least stable native proteins and the
carboxymethyl derivatives. Hence, destabilizing native titin causes a general increase in
ClpXP degradation rates. For the denatured substrates, changes in sequence or the type
of cysteine modification did cause some differences in ClpXP degradation rates (Table 2)
but these were minor compared to differences between native variants. Averaging the
rate constants for degradation of the seven denatured titin molecules tested gave a value
of 4.3 ± 0.5 min' . ClpXP degradation of the native and denatured titin variants showed
similar concentration dependencies (Fig. 3B; Table 2), with an average KM (1.5 ± 0.5
[xM) close to values determined for other ssrA-tagged proteins and to the KD for ClpX
binding to an ssrA peptide (Kim et al., 2000; Burton et al., 2001a; Wah et al., 2002).
Moreover, KM and kdeg for the set of titin variants were uncorrelated (R2 < 0.01), as
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expected if KM is approximately equal to KD for binding (If KD, kd, and ka are the
equilibrium dissociation constant, dissociation rate constant, and association rate
constant, respectively, for the interaction of substrate with ClpX, then KM = (kd + kdeg)/ka
= KD when kd kdeg). Thus, ClpXP binds each titin substrate in a comparable fashion.
These results show that the interaction of the ssrA-tagged titin variants with CIpXP is
determined principally by the ssrA tag and not by the structural properties or stability of
the attached protein.
Translocation and the degradation of denatured substrates
Several experiments suggest that translocation is the step in the Fig. 1 reaction cycle that
limits the rate of ClpXP degradation of denatured titin-I27 at saturating substrate
concentrations. First, we found that an unstructured peptide with an ssrA tag as the last
11 amino acids (18 residues total) was degraded at a rate of 41 + 5 molecules min -' per
enzyme (Fig. 3C), which was much faster than the rate of degradation of denatured titin-
127-ssrA (121 residues) and roughly proportional to its decreased length relative to titin.
Thus, steps which should occur at the same rate for both short and long substrates (e.g.,
tag binding and engagement) are not rate-limiting for steady-state degradation of titin
substrates. The time required to translocate an entire substrate molecule, however,
should depend on its length, whereas peptide-bond hydrolysis and product release, which
could also depend on length, are too fast to be rate-limiting (Thompson and Maurizi,
1994; Thompson et al., 1994).
Both protein denaturation and translocation by ClpXP require ATP-hydrolysis (Singh et
al., 2001; Burton et al., 2003). Thus, degradation of denatured titin by ClpXP should be
ATP-dependent if translocation is the slow step in its proteolysis. In fact, denatured CM-
titin-I27-ssrA was not degraded when ATP was omitted from the reaction and was
degraded much more slowly in the presence of ATPyS (Fig. 3D), which is also
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hydrolyzed by ClpXP but at a much slower rate than ATP (Burton et al., 2003). We
conclude that translocation is rate-limiting for degradation of denatured titin substrates
and assign this step a rate constant (k,,) equal to the average rate constant for denatured
titin degradation (4.3 ± 0.5 min-').
Denaturation and translocation both contribute to the observed degradation rates of some
native titin variants. Using the average value of kt., and assuming that denaturation
and/or translocation are the slow steps permits the denaturation rate constant (kden) for
ClpXP unfolding of different titin variants to be calculated (Table 2). Specifically,
because the average time required for degradation (deg = 1/kdeg) is just the average time
for denaturation plus translocation (de, + trs), then l/kde,= l/kdeg - /kt,.
ATP consumption during titin processing
How efficiently does ClpXP use ATP hydrolysis to drive the substrate denaturation and
translocation steps required for degradation of different titin-I27 variants? To address
this question, the relationship between the ATPase and protein processing activities of
ClpXP was assessed by measuring ATP hydrolysis rates at substrate concentrations
where most enzyme molecules ( 90%) were actively engaged in degradation (Fig. 4A).
ATP turnover was fast during degradation of denatured titin variants (609 + 43 min-').
We take this value as the ATPase rate during substrate translocation. For the native titin
variants, ATPase activity slowed markedly during degradation and was well correlated
with the resistance of these substrates to degradation (Fig. 4A). Slowing of the ATPase
activity also occurs when ClpXP degrades more stable Arc-ssrA substrates and has been
interpreted as evidence for coupling between the ATPase and denaturation cycles (Burton
et al., 2001a).
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Figure 4. ATP hydrolysis during ClpXP degradation of titin-I27-ssrA variants. (A)
Initial rates of hydrolysis of ATP (2.5 mM) by ClpXP assayed in the presence of native
or denatured titin-127-ssrA variants (20 [tM). The native variants are arranged in order of
increasing stability to degradation by ClpXP. (B) Total ATP consumption during
degradation of native titin-I27-ssrA variants (ATPase rate,,deg) increases linearly with the
average denaturation time (den = 1/kden). The solid line represents the equation ATP =
14 4 Tden + 100 (R2 = 0.998). (C) ATP expenditure during ClpXP degradation of one
molecule of wild-type titin-I27-ssrA or the native V13P variant is shown in the circles for
the denaturation and translocation steps. Denaturation is the slow or rate-determining
step for degradation of wild-type titin-127. Translocation is the slow step for degradation
of the V13P mutant.
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For native titin substrates, both the denaturation and translocation steps of the
degradation reaction contribute to ATP hydrolysis, and ATP consumption is thus a
function both of the ATP hydrolysis rates during the individual denaturation and
translocation steps and of the average time required to complete each of these steps.
ATP consumed = ATP-rate°verlrdeg = ATP-ratedenrden + ATP-ratetans tns
Strikingly, ATP consumption during ClpXP degradation of the native variants varied
linearly with Tden with a slope of 144 3 min-' and an intercept of 100 ± 6 (R2 = 0.998;
Fig. 4B). Thus, the average ATP hydrolysis rate during denaturation of native titin
variants is constant and roughly 4-fold slower than the ATPase rate during translocation.
These results suggest that, during titin processing, the ATPase motor of ClpXP operates
at two basic speeds: fast ( 600 min-) during translocation of unfolded titin and slow
(= 150 min-) during denaturation of native titin. Because the ATP hydrolysis rate was
constant during denaturation of different native variants, irrespective of their intrinsic
stabilities, the ease or difficulty of titin unfolding does not affect ClpXP motor speed.
Hence, the ATPase and denaturation activities of ClpXP appear to be coupled only
loosely. This could occur if the native protein substrate slips or dissociates transiently
when unfolding does not occur during a single cycle of ATP hydrolysis and
conformational change within ClpXP. In this regard, slipping of the degradation tag
relative to its ClpXP binding site would serve as a "clutch" permitting the ATPase motor
to disengage rather than stall.
The intercept of the Fig. 4B plot (100 ± 6 ATP per titin degraded) represents the average
energetic cost of translocation and any remaining ATP-dependent steps other than
denaturation. We assume that most of this ATP is consumed during translocation. For
the denatured CM-titin molecules, the average total cost of degradation was slightly
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higher (149 ± 25 ATP molecules per titin degraded). This small difference may reflect
experimental error or a higher translocation cost for carboxymethylated proteins.
Although ATP hydrolysis was fastest when ClpXP degraded unfolded substrates (Fig.
4A), ATP consumption was much higher for degradation of stable native substrates (Fig.
4B). To denature and degrade more stable protein substrates, ClpXP simply uses more
ATP. For wild-type titin-I27-ssrA, = 84% of the ATP consumed during degradation (544
of 644 molecules) was used for denaturation (Fig 4C). The need for so many cycles of
ATP hydrolysis to denature a single titin-I27-ssrA molecule suggests strongly that
unfolding is a stochastic process that requires a repeated or iterative application of force.
By contrast, for degradation of the V13P variant, only about 15% of the ATP (18 of 118
molecules) was used for denaturation (Fig. 4C). Thus, stabilizing the n-sheet attached to
the ssrA-tag of wild-type titin-I27 relative to the V13P mutant increased the number of
ATP cycles required for ClpXP-catalyzed denaturation almost 30-fold.
DISCUSSION
The studies presented here have allowed us to dissect the rates and ATP requirements for
the denaturation and translocation steps during ClpXP degradation of a set of titin-I27-
ssrA substrates. These results, in turn, improve our understanding of ClpXP function and
permit comparisons with other substrates and AAA+ proteases. In the discussion below,
we first address the question of the relationship of protein stability to denaturation and
degradation rates by ClpXP. We then return to the issue of ATP utilization and
comparisons with other systems.
Role of local versus global substrate stability in resisting ClpXP unfolding
For titin-I27-ssrA and its variants, the rate constants for ClpXP denaturation showed
reasonable correlations with thermodynamic stability, kinetic stability, and the force
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required for AFM-induced unfolding (Fig. 5). In principle, these correlations could be
interpreted in terms of changes in local or global protein stability. However, global
thermodynamic or kinetic stability does not appear to be an important factor when these
properties are compared with ClpXP degradation rates for different protein families. For
example, the rates of ClpXP degradation of 13 different ssrA-tagged native substrates
(GFP-ssrA (Kim et al., 2000); RNase-H*-ssrA (our unpublished data); 5 Arc-ssrA
variants (Burton et al., 2001a); and 6 titin-I27-ssrA variants) showed no significant
correlation (R2 < 0.05) with either the free energy of unfolding or the unfolding rate
constant (Fig. 6). Individual comparisons emphasize the lack of correlation. One Arc-
ssrA substrate, for example, unfolds roughly 6500-fold more slowly than titin-I27-ssrA
but was degraded 5-fold more rapidly (Burton et al., 2001a). Similarly, RNase H*-ssrA is
6 kcal/mol more thermodynamically stable than titin-I27-ssrA but was degraded 20-fold
more rapidly than native titin and as fast as denatured titin. Although differences in
translocation rates may also contribute to some of these poor correlations, it seems highly
unlikely that global substrate stability is a critical factor in determining ClpXP
degradation rates.
The local stability model of Matouschek and colleagues (Lee et al., 2001; Matouschek,
2003) ascribes the differences observed in ClpXP-mediated degradation of the titin
variants to changes in the stability of the structural element attached to the C-terminal
ssrA tag. Specifically, interactions between the titin A' and G P-strands, which were
disrupted by 4 of the 5 titin mutations studied here, would represent the principal energy
barrier to ClpXP-mediated unfolding. This O-sheet of titin displays striking mechanical
stability in AFM stretching experiments and in molecular-dynamics simulations (Liu et
al., 1998; Marszalek et al., 1999; Li et al., 2000). Hence, it is reasonable that
destabilization of this structure would allow easier denaturation and thus faster ClpXP
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Figure 5. Denaturation rates and stability. ClpXP denaturation rates for the titin-I27-
ssrA variants correlate with: (A) kinetic stability; (B) equilibrium stability (AGu); and (C)
mechanical stability in AFM experiments for the untagged molecules (Li et al., 2000;
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degradation. The local stability model explains our finding that titin mutations (Y9P,
V11P, V13P, V15P) which disrupt the ssrA-proximal -sheet increased the ClpXP
degradation rate far more than a mutation (V4A) which alters a side chain distant from
the ssrA tag. Because denaturation of single-domain proteins is generally highly
cooperative, ClpXP unfolding of structural elements adjacent to the degradation tag
should result in global unfolding. Indeed, because titin-I27-ssrA is degraded by ClpXP in
spite of its extraordinary C-terminal stability, we suspect that very few single-domain
ssrA-tagged proteins will be refractory to ClpXP denaturation and thus degradation.
If force is mainly applied through the degradation tags of protein substrates by ClpXP
and related AAA+ enzymes, then it becomes crucial whether this tag is attached to a
relatively stable or fragile region of the protein structure (Lee et al., 2001; Matouschek,
2003). Hydrogen-exchange studies monitored by NMR show that different regions of a
protein can have dramatically different local stabilities (Bai et al., 1995; Chamberlain et
al., 1996). Substrates like GFP-ssrA and RNase-H*-ssrA, which are more globally stable
than titin-ssrA but are degraded faster by ClpXP (Fig. 6), would therefore be expected to
have relatively fragile structures at their C-termini. Indeed, native-state hydrogen-
exchange studies show that the C-terminal a-helix of RNase-H* is the least stable
structural element in this protein (Hollien and Marqusee, 1999).
Mechanical denaturation
AFM denatures proteins by mechanical deformation, making it of interest to compare this
process with that suggested for ClpXP-mediated denaturation. By stretching a protein
molecule from two different points, AFM increases the applied force continuously until
denaturation occurs. ClpXP, by contrast, appears to apply force iteratively in a series of
pulling and slipping reactions involving the degradation tag. Opposing "unfolding" and
"slip" forces presumably arise when ATP-dependent conformational changes in CIpXP
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attempt to pull native proteins, which resist denaturation, into a pore too small to allow
transit without denaturation. By this model, the same ClpXP conformational changes that
drive substrate translocation would also drive substrate denaturation.
Although the AFM and ClpXP mechanisms of unfolding seem to be fundamentally
different, it is nevertheless instructive to consider issues of force. To achieve a rate of
wild-type titin-I27 denaturation equivalent to that accomplished by ClpXP, an AFM
mechanism would require a force of 43 pN. This value was calculated as force =
(kT/Ax)ln(kden/aO), where k is the Boltzmann constant, T is the temperature, Ax is the
titin transition-state distance, kden is the rate constant for ClpXP-mediated titin
denaturation, and ao is the rate constant for titin unfolding at zero force (Li et al., 2000;
Carrion-Vasquez et al., 2003). If ClpX acts in an iterative fashion, however, then the
overall force that it applies to titin during each mechanical event would need to be greater
than the AFM force. This possibility appears plausible, as an AAA+ ATPase has been
shown to generate forces of 100 pN or more (Maier et al., 2002).
Although it seems clear that ClpXP-mediated unfolding of protein substrates is
mechanically driven, it is formally possible that substrate binding to the enzyme places it
in an electrostatic or hydrophobic environment that contributes to the overall process by
making denaturation easier. However, if native titin-I27-ssrA were significantly less
stable when bound to ClpXP than in solution, then thermodynamic linkage would require
that denatured titin-I27-ssrA bind the enzyme with significantly higher affinity. This
result was not observed. As a result, we conclude that binding to ClpXP is not a major
factor in titin destabilization or denaturation.
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ATP utilization during different steps of ClpXP degradation
Our ability to study ClpXP degradation of titin-I27-ssrA substrates in native and
denatured forms has demonstrated that either denaturation and/or translocation can be
rate limiting depending on the physical state and stability of the titin substrate.
Moreover, knowing the average times required for each step for specific substrates allows
the ATP utilization during each reaction to be determined. One of our most striking
results was that denaturation of a single native titin molecule consumed a highly variable
amount of ATP depending on the stability of the titin variant and the time required for
denaturation. As shown in Fig. 4C, ClpXP denaturation of wild-type titin-I27 required
more than 500 cycles of ATP hydrolysis, whereas denaturation of the native V13P
variant, which has a less stable C-terminal -sheet, required fewer than 20 ATP cycles.
Clearly, ClpXP simply uses more cycles of ATP hydrolysis when confronted with
substrates, like wild-type titin-I27, that are difficult to unfold. This gives rise to a highly
robust unfolding activity that is almost certainly important for the ability of ClpX, in the
absence of ClpP, to disassemble hyperstable macromolecular complexes (Burton et al.,
2001b).
It is worth emphasizing the relationship between the average number of ClpXP enzymatic
cycles required to denature a given substrate and the probability of denaturation during a
single cycle. If ClpXP denaturation is a stochastic process, as we have argued, then a
given substrate will have a fixed probability of denaturation during each enzyme cycle.
For substrates with highly stable C-termini, like titin-I27-ssrA, this probability is low and
thus many ATP cycles are needed before most of the molecules in the population become
denatured. For molecules with less stable C-termini, like the V13P variant, this unit
unfolding probability is high and thus only a relatively small number of enzyme
turnovers are required to denature most substrate molecules.
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Protein degradation by ClpXP can clearly be very costly, especially when protein
substrates are hard to denature. For comparison, we note that ClpXP uses more energy to
degrade one molecule of wild-type titin-I27-ssrA than is required for the biosynthesis of
this protein. Indeed, degradation is expensive even when the target protein is already
denatured. Degradation of unfolded forms of the 121-residue titin-I27 substrates
consumed 100-150 molecules of ATP. If, as seems probable, most of this ATP is used
for translocation, then the average cost of ClpXP translocation for titin-I27 is close to one
ATP per amino acid. It will be interesting to determine how the rate and energetic cost of
translocation vary with the sequence and length of the protein substrate.
Slipping and substrate release
The ATPase motor of ClpXP was found to operate at a constant hydrolysis rate during
denaturation of titin substrates with very different stabilities. We have interpreted this
result as evidence that application of a denaturing force during each ATP cycle must be
interrupted by disengagement or slipping of the protein substrate from the grasp of
ClpXP when denaturation fails. In a practical sense, the ability to release a substrate that
can not be denatured in a single enzymatic cycle would prevent the ClpXP machine from
becoming jammed. This feature is probably important both for substrates that are simply
too stable to be unfolded and for substrates, like wild-type titin-ssrA, that require a large
number of ATP hydrolysis events to achieve efficient denaturation.
If substrates can slip or disengage from ClpXP, then it also seems likely that the slip
force will depend on the amino-acid sequence of the degradation tag or the sequence
being translocated when a native protein domain is encountered. At present, however,
almost nothing is known about the relationship between sequence and slippage.
Performing assays of ATP utilization, like those shown in Fig. 4B, for titin variants with
different types of C-terminal degradation tags should allow this question to be addressed.
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Comparisons with other substrates and AAA+ enzymes
In a prior study, ClpXP was found to degrade Arc-ssrA substrates that varied
dramatically in global stability with only modest changes in degradation rates (Burton et
al., 2001a). As in the titin-I27 studies, however, more stable Arc-ssrA variants were
degraded more slowly by ClpXP. Because the Arc-ssrA variants had stability mutations
located far from the ssrA tag, it seems likely that the local stability near the ssrA tag was
not affected significantly by these mutations. ClpXP degradation of the Arc-ssrA
substrates also consumed a relatively constant amount of ATP per Arc molecule degraded
(150 + 20). Based on the results presented here, we suspect that translocation of the Arc
substrates consumed most of this ATP. Unfortunately, fully denatured variants of Arc
were not available and thus the energetic cost of denaturation and translocation could not
be determined. In another study, native and acid-denatured GFP-ssrA appeared to be
degraded at similar rates and a cost of 300-400 ATPs by the PAN/20S protease
(Benaroudj et al., 2003). Again, it is possible that translocation represents the major ATP
cost for this substrate, although refolding of acid-denatured GFP-ssrA occurs readily and
could complicate interpretation of these experiments.
Although some discrepancies between different substrates and/or enzymes might
represent real differences in mechanism, it is more likely that the substrates chosen to
probe mechanism are critical in determining the results obtained. For example, had we
simply assayed ClpXP degradation of the VllP and V13P titin-I27-ssrA proteins in
native and denatured forms, we would have observed that roughly the same amount of
ATP was required for degradation and that the native structure of these proteins imposed
only a minor impediment to degradation. While clearly true for these particular
substrates, this conclusion is highly misleading for ClpXP degradation of other titin
substrates and obscures the underlying mechanism. Our results suggest that a full
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understanding of mechanism for any particular AAA+ protease will require analyses of a
set of substrates with a range of local protein stabilities near the degradation tag and the
ability to study degradation of these substrates in native and fully denatured forms. In
this regard, we anticipate that titin-I27 substrates with appropriate degradation tags
should help in dissection of reaction mechanisms for other AAA+ degradation and
disassembly machines and also permit more detailed studies of the ClpXP translocation
and denaturation reactions.
EXPERIMENTAL PROCEDURES
Protein production
Genes expressing titin-I27-ssrA or variants were constructed by PCR from the 127
domain of human titin subcloned in pET Ava I (Carrion-Vasquez et al., 1999). The N-
terminal sequence of each construct was MH6S 2HID4KLGLIEVE and the C-terminal
sequence was KVKELGLGAANDENYALAA (titin-I27 sequences bold italic; ssrA tag
underlined). Proteins were expressed in E. coli strain JK10 (clpP::cat, Alon, slyD::kan,
XDE3) with an appropriate plasmid, purified by Ni++-NTA chromatography, and masses
confirmed by MALDI-TOF mass spectrometry. 35 S-proteins were expressed as described
(Gottesman et al., 1998) and purified like unlabeled protein. CM-cysteine derivatives of
the I27-ssrA variants were obtained by alkylation for 2 hours (25 °C) with a 100-fold
molar excess of iodoacetic acid in the presence of 5 M GuHCI at pH 8.8. Mass
spectrometry verified the presence of two carboxymethyl groups per titin-I27-ssrA
molecule. CD experiments were performed using an AVIV 60DS spectrometer with 10
tM protein samples in 10 mM phosphate buffer (pH 7.5) or in 2.8 mM KOH (pH 11.5).
Equilibrium denaturation and unfolding kinetics
Purified titin-I27-ssrA or variants (1 [tM) were mixed with different concentrations of
GuHCI plus buffer A (50 mM Tris-HCl (pH 7.5), 150 mM NaCl, 2 mM DTT).
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Following equilibration at 30 C, fluorescence emission spectra were recorded. Plots of
denaturant concentration versus fluorescence center-of-mass were fitted to obtain values
of AGu, mu, and the slopes and intercepts of the native and denatured baselines (Santoro
and Bolen, 1988). Unfolding rates at 30 °C were determined at different concentrations
of GuHCI in buffer A. For titin-I27-ssrA and the Y9P and V15P variants, proteins were
diluted by manual mixing from native conditions into GuHCI (1 tM final protein
concentration) and decreases in fluorescence emission at 340 nm (excitation 280 nm)
were monitored. For the VllP and V13P variants, unfolding was monitored using a
stopped-flow instrument at final protein concentrations of 16-20 tM. Kinetic trajectories
at each GuHCl concentration fit well (R2 > 0.98) to a single exponential function.
Degradation and ATPase assays
Degradation of titin-I27-ssrA or variants by ClpXP was performed at 30 C in 25 mM
HEPES (pH 7.6), 100 mM KCI, 10 mM MgCI, 10% glycerol, and 2 mM DTT with an
ATP regeneration system (5 mM ATP, 16 mM creatine phosphate, 0.032 mg/mL creatine
kinase). ClpX6 and ClpP14 were a gift from R. Burton (MIT) and were used at
concentrations of 100 and 300 nM, respectively. ClpXP was preincubated for 2 min at 30
°C with all assay components except substrate protein. Reactions were performed in a
volume of 100 l and initial degradation rates for wild-type titin-I27-ssrA were
determined by release of TCA-soluble peptides (Gottesman et al., 1998). ATPase assays
were performed as described (Norby, 1988; Burton et al., 2001a). For peptide
degradation, cleavage was assayed by HPLC.
ACKNOWLEDGEMENTS.
Supported by NIH grant AI-15706. We thank Steve Bell, Randy Burton, Mariano
Carrion-Vasquez, Hongbin Li, Susan Marqusee, Frank Solomon, and members of the
Baker and Sauer labs for materials, advice, and helpful discussions.
73
REFERENCES
Bai, Y., Sosnick, T.R., Mayne, L., and Englander, S.W. (1995) Protein folding
intermediates: native-state hydrogen exchange. Science 269, 192-197.
Benaroudj, N., Zwickl, P., Seemuller, E., Baumeister, W., and Goldberg, A.L. (2003)
ATP hydrolysis by the proteasome regulatory complex PAN serves multiple functions in
protein degradation. Molecular Cell 11, 69-78.
Burton, R.E., Siddiqui, S.M., Kim, Y.I., Baker, T.A., and Sauer, RT. (2001a) Effects of
protein stability and structure on substrate processing by the ClpXP unfolding and
degradation machine. EMBO J. 20, 3092-3100.
Burton, B.M., Williams, T.L. & Baker, T.A. (2001b) ClpX-mediated remodeling of mu
transposasomes: selective unfolding of subunits destabilizes the entire complex.
Molecular Cell 8, 449-454.
Burton, R.E., Baker, T.A., and Sauer, RT. (2003) Energy-dependent degradation:
Linkage between ClpX-catalyzed nucleotide hydrolysis and protein-substrate processing.
Protein Science 12, 893-902 (2003).
Carrion-Vasquez, M., Oberhauser, A.F., Fowler, S.B., Marszalek, P.E., Broedel, S.E.,
Clarke, J., and Fernandez, J.M. (1999) Mechanical and chemical unfolding of a single
protein: A comparison. Proc. Natl. Acad. Sci. USA 96, 3694-3699.
Carrion-Vazquez, M., Li, H., Lu, H., Marszalek, P.E., Oberhauser, A.F., and Fernandez,
J.M. (2003) The mechanical stability of ubiquitin is linkage dependent. Nat. Struc. Biol.
10, 738-743.
Chamberlain, A.K., Handel, T.M., and Marqusee, S. (1996) Detection of partially folded
molecules in equilibrium with the native conformation of RNaseH. Nat. Struct. Biol. 3,
782-787.
Flynn, J.M., Neher, S.B., Kim, Y.I., Sauer, R.T., and Baker, T.A. (2003) Proteomic
discovery of cellular substrates of the ClpXP protease reveals five classes of ClpX-
recognition signals. Molecular Cell 11, 671-683.
Fowler S.B. and Clarke, J. (2001) Mapping the folding pathway of an immunoglobulin
domain: structural detail from phi value analysis and movement of the transition state.
Structure 9, 355-366.
Fowler S.B., Best, R.B., Toca Herrera, J.L., Rutherford, T.J., Steward, A., Paci, E.,
Karplus, M., and Clarke, J. (2002) Mechanical unfolding of a titin Ig domain: Structure
74
of unfolding intermediate revealed by combining AFM, molecular dynamics, NMR and
protein engineering. J. Mol. Biol. 322, 841-849.
Gonciarz-Swiatek, M., Wawrzynow, A., Um, S.J., Learn, B.A., McMacken, R., Kelley,
W.L., Georgopoulos, C., Sliekers, O., and Zylicz, M. (1999) Recognition, targeting, and
hydrolysis of the X O replication protein by the ClpP/ClpX protease. J. Biol. Chem. 274,
13999-14005.
Gottesman, S., Roche, E., Zhou, Y., and Sauer, R.T. (1998) The ClpXP and ClpAP
proteases degrade proteins with carboxy-terminal peptide tails added by the SsrA-tagging
system. Genes Dev. 12, 1338-1347.
Herman, C., Prakash, S., Lu, C.Z., Matouschek, A. & Gross, C.A. (2003) Lack of a
robust unfoldase activity confers a unique level of substrate specificity to the universal
AAA protease FtsH. Molecular Cell 11, 659-669.
Hollien, J., and Marqusee, S. (1999) Structural distribution of stability in a thermophilic
enzyme. Proc. Natl. Acad. Sci. USA 96, 13674-13678.
Improta, S., Politou, A.S., and Pastore, A. (1996) Immunoglobulin-like modules from
titin I-band: extensible components of muscle elasticity. Structure 4, 323-337.
Keiler K.C., Waller, P.R.H., and Sauer, R.T. (1996) Role of a peptide tagging system in
degradation of proteins synthesized from damaged messenger RNA. Science 271, 990-
993.
Kim, Y.I., Burton R.E., Burton, B.M., Sauer, R.T., and Baker, T.A. (2000) Dynamics of
substrate denaturation and translocation by the ClpXP degradation machine. Molecular
Cell 5, 639-648.
Kim Y.I., Levchenko I., Fraczkowska K., Woodruff R.V., Sauer R.T., and Baker T.A.
(2001) Molecular determinants of complex formation between Clp/HsplOO ATPases and
the ClpP peptidase. Nat. Struct. Biol. 8, 230-233.
Langer, T. (2000) AAA proteases: cellular machines for degrading membrane proteins.
Trends Biochem Sci 25, 247-251.
Lee, C., Schwartz, M.P., Prakash, S., Iwakura, M., and Matouschek, A. (2001) ATP-
dependent proteases degrade their substrates by processively unraveling them from the
degradation signal. Molecular Cell 7, 627-637.
Li, H., Carrion-Vasquez, M, Oberhauser, A.F., Marszalek, P.E., and Fernandez, J.M.
(2000) Point mutations alter the mechanical stability of immunoglobulin modules.
Nature Struct. Biol., 7, 1117-1120.
75
Liu, H., Isralewitz, B., Krammer, A., Vogel, V., and Schulten, K. (1998) Unfolding of
titin immunoglobulin domains by steered molecular dynamics simulation. Biophys. J. 75,
662-671.
Maier, B., Potter, L., So, M., Seifert, H.S., and Sheetz, M.P. (2002) Single pilus motor
forces exceed 100 pN. Proc. Natl. Acad. Sci. USA 99, 16012-16017.
Marszalek, P.E., Lu, H., Li, H., Carrion-Vasquez, M., Oberhauser, A.F., Schulten, K.,
and Fernandez, J.M. (1999) Mechanical unfolding intermediates in titin modules. Nature
402, 100-103.
Matouschek, A. (2003) Protein unfolding - an important process in vivo? Curr. Opin.
Struct. Biol. 13, 98-109.
Neuwald, A.F., Aravind, L., Spouge, J.L., and Koonin, E.V. (1999) AAA+: A class of
chaperone-like ATPases associated with the assembly, operation, and disassembly of
protein complexes. Genome Res. 9, 27-43.
Norby, J.G. (1988) Coupled assay of Na+,K+-ATPase activity. Methods Enzymol. 156,
116-119.
Ogura, T. and Wilkinson, A.J. (2001) AAA+ superfamily ATPases: common structure-
diverse function. Genes Cells 6, 575-597.
Ortega, J., Lee, H.S., Maurizi, M.R., and Steven, A.C. (2002) Alternating translocation of
protein substrates from both ends of ClpXP protease. EMBO J. 21, 4938-4949.
Santoro, M.M., and Bolen, D.W. (1988) Unfolding free energy changes determined by
the linear extrapolation method. 1. Unfolding of phenylmethanesulfonyl-chymotrypsin
using different denaturants. Biochemistry 27, 8063-8068.
Singh, S.K., Grimaud R., Hoskins, J.R., Wickner, S., and Maurizi, M.R. (2000)
Unfolding and internalization of proteins by the ATP-dependent proteases ClpXP and
ClpAP. Proc. Natl. Acad. Sci. USA 97, 8898-8903.
Thompson, M.W., and Maurizi, M.R. (1994) Activity and specificity of Escherichia coli
ClpAP protease in cleaving model peptide substrates. J. Biol. Chem. 269, 18201-18208.
Thompson, M.W., Singh, S.K., and Maurizi, M.R. (1994) Processive degradation of
proteins by the ATP-dependent Clp protease from Escherichia coli. Requirement for the
multiple array of active sites in ClpP but not ATP hydrolysis. J. Biol. Chem. 269, 18209-
18215.
Vale, R.D. (2000) AAA proteins. Lords of the ring. J. Cell Biol. 150, 13-19.
76
Wah, D.A., Levchenko, I., Baker, T.A., and Sauer, R.T. (2002) Characterization of a
Specificity Factor for an AAA+ ATPase: Assembly of SspB Dimers with ssrA-Tagged
Proteins and the ClpX Hexamer. Chem. Biol. 9, 1237-1245.
Wang, J., Hartling, J.A., and Flanagan, J.M. (1997) The structure of ClpP at 2.3 A
resolution suggests a model for ATP-dependent proteolysis. Cell 91, 447-456.
77
CHAPTER THREE
Effects of local protein stability and the geometric position of
the substrate degradation tag on the efficiency of ClpXP
denaturation and degradation.
Published: Jon A. Kenniston, Randall E. Burton, Samia M. Siddiqui, Tania
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146, pp. 130-140.
Figure 5: work of R.E.B.
Figure 7B: work of S.M.S
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ABSTRACT
ClpX and related AAA+ ATPases of the Clp/Hspl00 family are able to denature native
proteins. Here, we explore the role of protein stability in C1pX denaturation and
subsequent ClpP degradation of model substrates bearing ssrA degradation tags at
different positions. CpXP degraded T. thermophilus RNase H* with a C-terminal ssrA
tag very efficiently, despite the very high global stability of this thermophilic protein. In
fact, global thermodynamic stability appears to play little role in susceptibility to
degradation, as a far less stable RNase-H*-ssrA mutant was degraded more slowly than
wild type by ClpXP and a completely unfolded mutant variant was degraded less than
twice as fast as the wild-type parent. When ssrA peptide tags were covalently linked to
surface cysteines at positions 114 or 140 of RNase H*, the conjugates were proteolyzed
very slowly. This resistance to degradation was not caused by inaccessibility of the ssrA
tag or an inability of ClpXP to degrade proteins with side-chain linked ssrA tags. Our
results support a model in which ClpX denatures proteins by initially unfolding structural
elements attached to the degradation tag, suggest an important role for the position of the
degradation tag and direction of force application, and correlate well with the mapping of
local protein stability within RNase H* by native-state hydrogen exchange.
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INTRODUCTION
AAA+ ATPases transduce the energy of nucleotide-triphosphate binding and hydrolysis
into cycles of conformational changes that can be used to denature proteins, solubilize
aggregates, power protein secretion, and dismantle oligomeric structures composed of
proteins and/or nucleic acids (Neuwald et al., 1999; Vale, 2000; Langer, 2000; Ogura and
Wilkinson, 2001). One important biological function of AAA+ ATPases is to serve as
essential components of compartmentalized proteases such as the eukaryotic proteasome
or the bacterial ClpXP, ClpAP, Lon, HslUV, and FtsH proteases (Langer, 2000; Hoskins
et al., 2001). In these proteases, the AAA+ ATPase recognizes a native protein substrate
by binding to an exposed degradation tag, denatures the substrate by a process that is
poorly understood, and then translocates the unfolded polypeptide into a sequestered
chamber where it is degraded to small peptide fragments (Fig. 1).
We have been studying the ClpXP protease from Escherichia coli. In this AAA+
protease, ClpX forms a hexameric ring ATPase which stacks coaxially on one or both
ends of the double-ring ClpP14 peptidase (Wang et al., 1997; Grimaud et al., 1998; Ortega
et al., 2002). ClpX recognizes target proteins bearing any of several different classes of
degradation signals, generally consisting of specific N- or C-terminal peptide sequences
(Gottesman et al., 1998; Gonciarz-Swiatek et al., 1999; Flynn et al., 2003). One hallmark
of these degradation signals or tags is their ability to target almost any protein for
degradation. For example, the C-terminal ssrA tag makes numerous unrelated proteins
susceptible to degradation by ClpXP (Keiler et al., 1996; Gottesman et al., 1998; Kim et
al., 2000; Singh et al., 2000; Burton et al., 2001; Lee et al., 2001; Kenniston et al., 2003).
This 11-residue degradation peptide also serves a general protease targeting function in
cells, where it is appended by a cotranslational process to nascent chains on stalled
bacterial ribosomes, thereby allowing efficient intracellular degradation of these ssrA-
tagged proteins (Keiler et al., 1996).
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Figure 1. Model of the ClpXP degradation cycle. Degradation of native proteins by
ClpXP involves substrate binding, ATP-dependent unfolding by ClpX, ATP-dependent
translocation to ClpP, degradation by ClpP, and release of peptide fragments. In this
cartoon representation, portions of ClpX and ClpP have been removed to show the ClpX
protein processing pore and the ClpP degradation chamber. The binding, unfolding, and
translocation steps are rate-limiting for protein substrates.
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The ability of the ssrA tag to target substrate proteins to ClpXP can be readily
understood, as ClpX binds specifically to this peptide sequence (Gottesman et al., 1998;
Flynn et al., 2001; Wah et al., 2002). It is less clear, however, how ClpX unfolds the
attached native protein and how the stability of this protein influences its degradation.
Increasing protein stability slows ClpXP degradation of ssrA-tagged proteins
dramatically in some cases but has little effect in other cases (Burton et al., 2001; Lee et
al., 2001; Kenniston et al., 2003). An attractive model is that ClpX unfolds proteins by
pulling-on or applying mechanical force to the degradation tag, causing initial
denaturation of protein structure adjacent to the degradation tag of the substrate (Lee et
al., 2001; Matouschek, 2003). This model predicts that the stability of structural
elements near the degradation tag will be more important than global stability in
determining ClpXP degradation rates. Recent studies with an ssrA-tagged 127 domain of
human titin lend support to this "local stability" model, as variants with destabilizing
mutations in a P-sheet proximal to the ssrA tag were degraded faster by ClpXP than the
wild-type protein or a variant with a destabilizing mutation in a n-sheet distant from the
ssrA tag (Kenniston et al., 2003).
To probe the relationship between protein stability and ClpXP degradation more
extensively, we created a model substrate by appending an ssrA tag to RNase H* from
Thermus thermophilus (Hollien and Marqusee, 1999a; 1999b). For the experiments
reported here, RNase H* has several important properties. First, this thermophilic
enzyme is remarkably stable, with a global free energy of unfolding of roughly 12
kcal/mol (Hollien and Marqusee, 1999b). Second, both T. thermophilus RNase H* and a
mesophilic E. coli counterpart have been characterized extensively by native-state
hydrogen-exchange experiments (Chamberlain et al., 1996; Hollien and Marqusee,
1999a). Hence, the stabilities of specific backbone regions to local denaturation are
known for these proteins. Third, by introducing Asp for Leu substitutions into the
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hydrophobic core, we were able to construct ssrA-tagged RNase-H* mutants with
dramatically reduced native stabilities and a double mutant that was denatured under
physiological conditions. These variants allowed us to test the importance of global
thermodynamic stability in ClpXP degradation, and to assess the contributions of
substrate denaturation and translocation to rates of degradation and ATP consumption.
Finally, because RNase H* is cysteine free, we were able to introduce surface cysteines
by mutagenesis and to attach ssrA tags to these side chains by chemical linkage.
Experiments with these RNase-H* substrates and a set of Arc substrates with side-chain
linked ssrA tags have allowed us to probe the relationship between susceptibility to
ClpXP degradation and the position of the degradation tag relative to the protein
structure.
MATERIALS AND METHODS
Protein production and modification
Genes expressing RNase-H* variants were constructed by PCR mutagenesis of plasmid
pJH109 which encodes a cysteine-free variant of T. thermophilus RNase H subcloned
into a pAED4 vector (Hollien and Marqusee, 1999b). One set of RNase-H*-ssrA
constructs had an N-terminal His6 tag and a C-terminal ssrA tag (AANDENYALAA),
where the first residue of the degradation tag was also the C-terminal residue (Ala166) of
the wild-type RNase-H* sequence. The His6 tag was omitted in another RNase-H*-ssrA
construct which was used as a control for experiments with side-chain linked ssrA
degradation tags. Cysteine-substitution mutants were constructed in an RNase-H*
background with no ssrA or His6 tags.
Most RNase-H* protein variants were expressed in E. coli strain BB101
(pLysS(cat)/kDE3) with an appropriate protein-expression plasmid by inducing cultures
during mid-log phase growth with 1 mM IPTG for 2 hours. The double mutant
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L78D/L112D' RNase-H*-ssrA was expressed in strain JK10 (Kenniston et al., 2003)
using the same procedure. Cells were harvested by centrifugation, resuspended in 20
mM Tris-HCl (pH 8.0), 100 mM NaCI, 0.5 mM EDTA, 5 mM DTT, and 1 mM PMSF,
and lysed by successive freeze/thaw treatments. For RNase-H* variants without His6-
tags, the soluble fraction was loaded directly onto a heparin column and eluted with
buffer plus 300 mM NaCI. Fractions containing RNase-H*-ssrA protein were pooled,
buffer exchanged using a Pharmacia PD-10 column into S-buffer (20 mM sodium
phosphate (pH 7.1), 100 mM NaCI, and 0.5 mM EDTA), loaded onto a Pharmacia
HiLoadT M 16/10 SP Sepharose column, and eluted with a linear gradient in S-buffer from
100 to 400 mM NaCI. Fractions containing protein at a purity of 95% or greater were
identified by SDS-PAGE, pooled, concentrated using a Millipore Ultrafree-15T M
centrifugal filter unit, and exchanged into a storage buffer containing 20 mM sodium
phosphate (pH 7.1), 100 mM NaCl, 0.5 mM EDTA, and 2 mM DTT. For RNase-H*
variants containing His6-tags, cells were lysed using buffer with no EDTA and proteins
were purified by a single step of Ni2+-NTA chromatography. Proteins were labeled with
35S-methionine as described (Gottesman et al., 1998) and were purified by the procedures
used for unlabeled protein.
A synthetic peptide with His6 and ssrA tags (GGWDH6AANDENYALAA; named 10X-
ssrA) was covalently linked to cysteines in RNase-H* variants using the hetero-
bifunctional cross-linker sulfo-MBS (m-maleimidobenzoyl-N-hydroxysulfosuccinimide
ester; Pierce Chemical). This cross-linking reagent contains an amine-reactive N-
hydroxysuccinimide ester and a sulfhydryl-reactive maleimide group. The a-amino
1 Note that the numbering of the T. thermophilus RNase H sequence used here is that
from Swissprot (P29253) and differs from the numbering scheme used in the PDB file
(1RIL), which is based on the E. coli sequence and contains residues 80 and 80B.
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group of the peptide (8 mM) was reacted with sulfo-MBS (2 mM) at 25 C in 200 mM
sodium phosphate (pH 7.0); after 20 min, this reaction was quenched by addition of 100
mM glycine. Cysteine-containing variants of RNase H* were buffer exchanged to
remove DTT, and incubated immediately with an approximate 100-fold excess of the
peptide-MBS conjugate at room temperature. After 2 hours, 5 mM DTT was added to
quench unreacted maleimide groups, and the sample was diluted 5-fold into S-buffer and
chromatographed on a SP Sepharose column to separate peptide-conjugated and
unreacted RNase H* from the MBS-activated peptide. Fractions containing peptide-
conjugated and unreacted RNase H* were buffer exchanged into 20 mM sodium
phosphate (pH 8.0) and 100 mM NaCI, and chromatographed on a Ni2*-NTA column to
purify the peptide-conjugated RNase-H* species. The molecular masses of the peptide-
conjugated RNase-H* proteins were confirmed by MALDI-TOF mass spectrometry.
Arc-SC32-stll protein, a gift from T. Anderson (Anderson and Sauer, 2003), was
conjugated to the GGWDH6AANDENYALAA peptide by crosslinking with sulfo-MBS
as described above. Arc-EC27-stl 1 was purified as described (Jonsson et al. 1996) and
was dialyzed into 100 mM sodium phosphate (pH 7.0), 250 mM KCI, 1 mM DTT, and
0.1 mM EDTA. DTNB (5,5'-dithiobis(2-nitro benzoic acid)) was added to a
concentration of 7.5 mM, and the reaction was allowed to proceed for at least one hour.
The TNB-activated mixed-disulfide protein was purified by passage over a desalting
column, added to synthetic peptides containing N-terminal cysteine residues, and the
disulfide-exchange reactions were allowed to proceed overnight at room temperature.
Free peptide was removed from the conjugated protein by gel-filtration chromatography
on a Superdex Peptide column (Amersham Biosciences). Three peptides were used for
these cross-linking studies: CAANDENYALAA (C-ssrA); CKWGRGAANDENYALAA
(C-5X-ssrA); and CKWGNKKGRHGAANDENYALAA (C-1OX-ssrA). In each case,
the ssrA tag sequence is underlined. The non-ssrA sequences in these peptides and the
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10OX-ssrA peptide were chosen to provide good solubility, reasonable flexibility, and a
tryptophan to allow determination of concentration by UV absorbance. The disulfide-
crosslinked conjugates were characterized by non-reducing SDS-PAGE and Western
blotting using an antibody against the ssrA tag.
Protein stability
The circular-dichroism (CD) spectra of purified proteins and peptide-conjugates at
concentrations near 1 pM were taken at 25 C using an Aviv 60DS instrument to assess
potential changes in secondary structure introduced by mutations and/or cross-linking.
CD buffer contained 20 mM sodium phosphate (pH 7.0) and 100 mM NaCI. The
thermodynamic stabilities of protein variants were assessed by thermal melting
experiments monitored by CD ellipticity at 220 nm and/or by GuHCI denaturation assays
at 30 °C monitored by changes in tryptophan fluorescence. Plots of GuHCl concentration
versus fluorescence center-of-mass were fit to obtain values of AG, m, and the slopes
and intercepts of the native and denatured baselines (Santoro and Bolen, 1988).
Degradation assays
Degradation of ssrA-tagged variants of RNase H* by ClpXP was assayed at 30 °C in PD
buffer (25 mM HEPES (pH 7.6), 10 mM KCI, 10 mM MgCI, 200 mM NaCl, and 10%
glycerol) with an ATP regeneration system composed of 5 mM ATP, 16 mM creatine
phosphate, and 0.032 mg/mL creatine kinase. ClpX6 and ClpP14 were used at
concentrations of 100 and 300 nM, respectively, for most degradation reactions. For
degradation of variants with the 10X-ssrA tag crosslinked to the cysteines of the L1 14C
and R140C RNase-H* proteins, the ClpX6 and ClpP14 concentrations were 0.9 PM and
2.7 pM, respectively. For all degradation reactions, ClpXP was pre-incubated with
buffer and ATP regeneration components for 2 min at 30 °C in the absence of substrate.
Substrate was then added to the ClpXP solution to a final volume of 120 yL, and
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degradation was monitored as a function of time either by changes in protein tryptophan
fluorescence (=306 nm; Xem=330 nm) using a QM-2000-4SE spectrofluorometer
(Photon Technology International, London, Ontario), or by changes in TCA-soluble
counts using 35S-labeled substrates. Curve fitting was performed in Kaleidagraph
(Synergy Software, Reading, Pennsylvania).
Degradation of peptide conjugated Arc-EC27-stll substrates (1.5-2.0 M) was
performed using 50 nM CIpX6 and 500 nM ClpP14 under the conditions described above.
Reactions were stopped by addition of SDS loading buffer, boiled for two minutes, and
loaded onto 15% Tris-tricine polyacrylamide gel. Following electrophoresis, the gels
were stained with SYPRO® Orange (Molecular Probes) and visualized on FluorImager
(Molecular Dynamics). Degradation of 10X-ssrA crosslinked Arc-SC32-stl 1 (6 M)
using 300 nM ClpX6 and 900 nM Clpl4 was also assayed by SDS-PAGE.
Assays of CIpXP ATP hydrolysis activity using a coupled system (N0rby, 1988; Burton
et al., 2001) were performed at 30 °C using 100 nM ClpX6, 300 nM ClpP,4, 2.5 mM ATP,
and 20 M protein substrate in a buffer containing 25 mM HEPES (pH 7.6), 5 mM KCI,
150 mM NaCI, 25 mM sodium phosphate, 5 mM MgCI2, 0.032% NP-40, and 10%
glycerol.
RESULTS
Degradation of RNase-H*-ssrA protein by ClpXP.
We constructed and purified a variant of RNase H* from T. thermophilus with a His6 tag
at its N-terminus and an ssrA tag at its C-terminus. 35S-labeled RNase-H*-ssrA was
efficiently degraded by CIpXP (see inset to Fig. 2). No degradation was observed if
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Figure 2. Michaelis-Menten kinetics of ClpXP degradationi of the RNase-H*-ssrA
protein. Initial degradation rates at different total substrate concentrations were
determined by linear fits of kinetic data determined by release of TCA-soluble counts
from 35S-labeled RNase-H*-ssrA protein (the inset shows data for substrate
concentrations of 0.25, 1.0, and 4.0 PM). Degradation was not observed in the absence
of ATP, ClpX, ClpP, or a ssrA-tagged form of the RNase H* (data not shown). The line
represents a fit to the equation rate = Vm,,/(1+Km/[substrate]).
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ClpX, ClpP, or ATP were omitted from the reaction. To determine kinetic parameters for
ClpXP proteolysis, initial rates of degradation were measured at a set of RNase-H*-ssrA
substrate concentrations (Fig. 2). These data fit well to a simple Michaelis-Menten
relationship with a Vma of 3.7 _ 0.3 min-1 ClpX- ' and a KM of 0.9 ± 0.2 M. The KM for
the RNase-H*-ssrA substrate was similar to values measured for ClpXP degradation of
other ssrA-tagged proteins (1.4 0.5 M: Kim et al., 2000; Burton et al., 2001;
Kenniston et al., 2003), as expected if the ssrA tag is the primary determinant of binding
to ClpXP. By contrast, Vma, for degradation of the RNase-H*-ssrA substrate was
significantly higher than those reported for titin-127-ssrA (0.25 min ' ClpX-'; Kenniston et
al., 2003), GFP-ssrA (0.94 min' ClpX-'; Kim et al., 2000), and Arc-ssrA (1.8 min-'
ClpX-'; Burton et al., 2001).
Why is an ssrA-tagged protein from a thermophile degraded more rapidly by ClpXP than
substrates that should be far less stable? A trivial explanation is that the modified RNase-
H* protein is no longer hyperstable because addition of the His6 and/or ssrA tags is
destabilizing. To test this possibility, we measured the resistance of the RNase-H*-ssrA
variant to GuHCl-induced and thermal denaturation. In GuHCl-denaturation experiments
(Fig. 3A), RNase-H*-ssrA (AGu = 12.0 kcal/mol at 30 °C) had stability properties similar
to those reported for untagged RNase H* (AGu = 12.2 kcal/mol at 25 °C; Hollien and
Marqusee, 1999b). RNase-H*-ssrA also had a Tm of = 82 °C (see Fig. 6A), which was
similar to that reported for untagged RNase H* (86 C; Hollien and Marqusee, 1999b).
We conclude that the rapid degradation of the RNase-H*-ssrA molecule by ClpXP does
not occur because the His6 or ssrA tag destabilize native RNase H*.
Degradation of destabilized RNase-H* variants.
To test the importance of the global thermodynamic stability of RNase-H*-ssrA protein
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Figure 3. Stability and properties of RNase-H*-ssrA and L78D, L 12D, and
L78D/L1 12D variants. (A) Equilibrium GuHCl denaturation (30 °C, pH 7.5) assayed by
changes in tryptophan fluorescence center-of-mass. The lines are fits to the equation Y =
fN(Nint + Nslope[GuHCl]) + (1-fN)(Dint + Do1p0e[GuHCl]), where fN is the fraction of
native protein at a given denaturant concentration (1/(I+exp(-(AGu-m-[GuHC]J)/RT)))
and Nint, Nsope, Din, and Dslo are the intercepts and slopes of the native and denatured
baselines. Fitted values of AGu (the free energy of unfolding in the absence of
denaturant) and m (the change in AG for each 1 M increase in denaturant concentration)
for each variant are listed in Table 1. (B) CD spectra. (C) Fluorescence spectra.
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in determining the rate of ClpXP degradation, we constructed two single mutants (L78D
and L1 12D) and a double mutant (L78D/L1 12D). The side chains of Leu78 and Leul 12
are buried in the hydrophobic core of RNase H*, and substitution of these nonpolar side
chains with a charged/polar aspartic acid should be highly destabilizing. Indeed,
although the single L78D and L112D mutants adopted native-like structures as assayed
by circular dichroism (Fig. 3B) or tryptophan fluorescence (Fig. 3C), these proteins were
destabilized by 7-9 kcal/mol, respectively, relative to the parent molecule in GuHCl-
denaturation experiments (Fig. 3A; Table 1). The double L78D/L1 12D RNase-H*-ssrA
mutant showed no native structure by CD (Fig. 3B) and had a fluorescence spectrum
similar to that of denatured protein (Fig. 3C). The double mutant also showed non-
cooperative melting behavior (Fig. 3A) and therefore appears to be in a denatured
conformation even in the absence of denaturant and at physiological temperatures.
Table I. Effect of mutations on the stability and steady-state kinetic parameters for ClpXP degradation of RNase
H* variants.
RNase H* Variant CIpXP, Vm, ClpXP, KM AGU mD-N Tm
(min ' l [ClpXP6]J') (/#M) (kcal molt') (kcal mol-' M-') (°C)
H6-RNase-H*-ssrA background
H6-wild type-ssrA 3.7 0.9 12.0 3.8 82
H6-L78D-ssrA 3.1 1.3 5.1 3.4 61
H6-L1 12D-ssrA 4.4 0.9 3.1 4.0 52
H6-L78D/LI 12D-ssrA 6.7 1.0 - - -
RNase-H* background
wild-type-ssrA 4.2 0.9 - - 82
L114C-10X-ssrA <0.1 a ND - - 82
R140C-10X-ssrA 0.2 ND - - 81
A166C-1OX-ssrA 4.2 1.1 - - 83
a. Estimated Vm,,, values for the L114C-1OX-ssrA and R140C-IOX-ssrA variants were calculated from the initial rates shown in
Figure 6B for 3 /M substrate, assuming a KM value of 1 M.
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In ClpXP degradation experiments, the highly destabilized L78D and L1 12D mutants
were degraded at rates slightly slower and slightly faster, respectively, than wild-type
RNase-H*-ssrA protein (Fig. 4; Table 1). This result shows that global thermodynamic
stability is not a significant factor in determining the rates of denaturation and
degradation of these molecules by ClpXP. The unfolded L78D/L112D double mutant
was degraded faster than wild-type RNase-H*-ssrA but by a factor less than two-fold
(Fig. 4; Table 1). Because fully native and denatured RNase-H*-ssrA are degraded by
ClpXP at rates that differ only modestly, ClpXP must be capable of efficiently unfolding
the native RNase-H*-ssrA protein despite its high global stability.
The rate constant for ClpXP degradation of the L78D/L1 12D double mutant is likely to
be determined predominantly by its translocation rate because denaturation of this
substrate, which is already unfolded, is not required and peptide-bond hydrolysis and
peptide release are known to be much faster than translocation (see Fig. 1; Thompson and
Maurizi, 1994; Thompson et al., 1994; Kenniston et al., 2003). We assume, therefore,
that the rate constant for translocation (kts) of the L78D/L1 12D mutant is essentially the
same as the degradation rate constant, approximately 6.7 ± 1.0 min - ClpX6- , and that this
value is also a reasonable approximation for translocation of RNase-H*-ssrA and the
single L78D and L1 12D mutants. This allows calculation of the rate constants for ClpXP
denaturation of the native RNase-H*-ssrA variants because 1/Vmax = l/kden + /ktrans
(Kenniston et al., 2003). The rate constants for ClpXP-mediated denaturation of RNase-
.H*-ssrA and the L78D and L112D mutants range from roughly 6 to 13 min-' ClpX6- .
Thus, denaturation and translocation occur on similar time scales for these native
substrates and both reactions contribute to limiting the overall rate of the degradation
cycle (Fig. 1).
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Figure 4. CIpXP degradation of RNase-H*-ssrA and the L78D, L112D, and
L78D/L112D variants. Degradation kinetics assayed by release of acid-soluble
radioactivity for each 35S-labeled substrate at an initial concentration of 4 M are shown.
Degradation experiments were also performed at other substrate concentrations to allow
determination of the Km and Vma, values listed in Table 1.
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ATP consumption.
We measured the rate of ATP hydrolysis by ClpXP at high substrate concentrations
(> 10-Km) where 90% or more of all enzymes were saturated with both ATP and with an
RNase-H*-ssrA substrate. As shown in Fig. 5A, ATP turnover rates were stimulated but
similar during ClpXP degradation of RNase-H*-ssrA and degradation of the destabilized
and denatured variants. In Fig. 5B, the ATP consumption per protein molecule degraded
is plotted as a function of the average denaturation time (den = l/kden), which was set to
zero for the denatured double mutant. For the denatured double mutant, about 50
molecules of ATP were hydrolyzed for each protein molecule degraded by ClpXP. We
assume that most of this energy is used to drive translocation from ClpX to ClpP as
denaturation and translocation are the only steps in the reaction cycle known to require
ATP hydrolysis (Fig. 1). For ClpXP degradation of one molecule of wild-type RNase-
H*-ssrA, about 100 molecules of ATP were hydrolyzed (Fig. 5B). Hence, during
degradation of wild-type RNase-H*-ssrA, about half of the energy of ATP hydrolysis
seems to be used for denaturation and about half for translocation. Slightly more energy
was used for denaturation than translocation of the destabilized L78D mutant, whereas
the opposite was true for the destabilized L1 12D mutant. This result emphasizes again
that global thermodynamic stability is poorly correlated with the ease or difficulty of
ClpXP-mediated denaturation.
The linearity of the Fig. 5B plot indicates that the ATP hydrolysis rate is more-or-less
constant (slope 380 min-' CpX6-) during denaturation of native RNase-H*-ssrA
variants, irrespective of their global stability. This value is similar to the ATP turnover
rate during translocation of the unfolded double mutant ( 340 min- ClpX6-1; Fig. 5A),
and thus the overall rate of ATP hydrolysis during degradation of different variants is
relatively independent of the kinetic partitioning between the denaturation and
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Figure 5. ATP hydrolysis during ClpXP degradation of RNase-H*-ssrA and variants.
(A) Rates of ClpXP hydrolysis of ATP (2.5 mM) determined in the presence of native or
denatured RNase-H*-ssrA variants (20 M). (B) Total ATP consumption during
degradation of RNase-H*-ssrA variants (Vmax(ATPase)/Vma(degradation)) increases
linearly with the average denaturation time (den = l/kden). The solid line represents the
equation y = 380-.den + 48.6 (R = 0.99).
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translocation steps. In studies of titin-I27-ssrA variants, we also observed a linear
relationship between ATP consumption and the average denaturation time, but for titin-
I27-ssrA the rate of ATP hydrolysis was almost four-fold slower during denaturation than
translocation (Kenniston et al., 2003).
Varying the ssrA-tag position in RNase H*.
The ability of ClpXP to denature RNase-H*-ssrA molecules of dramatically different
global stabilities very rapidly could be interpreted in two ways. First, the structure of
wild-type RNase-H*, despite its robust global stability, may be easily pulled apart in the
enzymatic reaction because the ssrA tag is attached to a relatively fragile region of local
protein structure. Indeed, the C-terminal ssrA tag is connected to a-helix E of RNase H*,
which is the least stable region of this protein as assayed by native-state hydrogen
exchange (Hollien and Marqusee, 1999a). Second, the position of the ssrA-tag may be
irrelevant, and the susceptibility of RNase-H* or its variants to ClpXP denaturation may
reflect aspects of its overall structure or the ability of the enzyme to generate a denaturing
force far greater than the global barrier to denaturation. To determine the importance of
the position of the ssrA tag in ClpXP denaturation of RNase H*, we used a cross-linking
strategy. First, we introduced single cysteine mutations in place of Ala166 (the C-
terminal residue), in place of Argl40 (in helix E), or in place of Leul 14 (in helix D) in an
untagged RNase-H* background. Next, we synthesized a 21-residue ssrA-tag peptide
with the sequence GGWDH6AANDENYALAA (ssrA tag underlined; named 10OX-ssrA).
Finally, we used a hetero-bifunctional chemical crosslinker (sulfo-MBS) to covalently
attach the a-amino group of the ssrA peptide to the free -SH group of the mutant RNase-
H* protein (see Section 2). The CD spectra (data not shown) and thermal stabilities (Fig.
6A) of these side-chain ssrA-tagged molecules were similar to the untagged RNase-H*
protein.
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Figure 6. Properties and ClpXP degradation of RNase-H* variants with OX-ssrA tags
cross-linked to unique cysteine residues. (A) Conjugates between the OX-ssrA tag and
cysteine mutants of RNase H* are folded and have thermal stabilities similar to untagged
RNase H*. (B) ClpXP degrades the lOX-ssrA peptide conjugates of the R140C and
L1 14C RNase-H* variants very slowly and shows no degradation of untagged RNase H*.
Note that the ClpXP concentration is three-fold higher for the ssrA-tagged R140C and
L1 14C RNase-H* experiments than for the RNase-H*-ssrA or untagged controls. (C)
Michaelis-Menten plot of ClpXP degradation data for the O1X-ssrA cross-linked RNase-
H* A166C variant. The kinetic parameters for degradation (Km = 1.05 + 0.2 ptM; Vmax =
4.2 + 0.4 min' ClpX6-) are very similar to those determined for RNase-H*-ssrA (Fig. 2;
Table 1) and for degradation of RNase-H*-ssrA lacking a His6 tag (data not shown). (D)
The 10X-ssrA cross-linked R140C protein (1.2 yM) behaves as a competitive inhibitor
for CIpXP degradation of RNase-H*-ssrA.
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When the ssrA peptide was cross-linked to the C-terminal cysteine of the A166C RNase-
H* mutant, the resulting ssrA-tagged molecule was degraded by ClpXP with kinetics
similar to those observed for RNase-H*-ssrA (cf. Fig. 6C and Fig. 2). This result
demonstrates that ClpXP is able to bind and process substrates with side-chain linked
ssrA tags. However, CIpXP degraded the ssrA-side-chain-tagged R140C variant very
slowly, and did not show significant degradation of the side-chain ssrA-tagged L114C
variant (Fig. 6B). In the latter experiments, we worried that the ssrA-peptide tag
crosslinked to RNase H* might not be accessible to ClpXP. However, both the side-
chain ssrA-tagged variants of L1 14C (Ki 0.5 M; data not shown) and R140C (Fig. 6D;
Ki = 0.6 M) competed for ClpXP degradation of RNase-H*-ssrA. Hence, the inability
of ClpXP to degrade these variants efficiently is not caused by its inability to engage the
ssrA tags which are cross-linked to surface cysteines in the native protein. We conclude
that the position of the ssrA tag relative to the RNase H* structure plays a crucial role in
determining the rate of ClpXP denaturation and subsequent degradation.
An ssrA tag attached to a side chain in the interior of a protein sequence (as opposed to
attached to a site at or near the N- or C-terminus) might fail to mediate efficient ClpXP
degradation because this geometry required simultaneous translocation of different
portions of a single polypeptide chain through ClpX and into ClpP. However, previous
studies have showed that efficient degradation is possible under this circumstance
(Burton et al., 2001). Moreover, the experiments described below show that variants of
Arc repressor with internal side-chain linked ssrA tags are efficiently degraded by
CIpXP.
ClpXP degradation of ssrA-tagged variants of Arc repressor.
In previous studies, we found that several ssrA-tagged variants of Arc repressor were
degraded by ClpXP at rates differing only modestly despite dramatic differences in
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thermodynamic and kinetic stability (Burton et al., 2001). Moreover, as in the RNase-
H*-ssrA protein, the ssrA tag was appended to the C-terminal a-helix of Arc. To allow
further comparisons with RNase H*, we constructed an Arc variant with the 10OX-ssrA
peptide attached via sulfo-MBS chemistry to a surface cysteine at residue 32 in the SC32
mutant (Anderson and Sauer, 2003). This ssrA-peptide-conjugated Arc variant was
degraded very efficiently by ClpXP, whereas the untagged parental protein showed no
degradation (Fig. 7A). Indeed, the Arc-SC32-stl 1 protein with the cross-linked O1X-
ssrA tag was degraded at a rate ( 3.1 min-' ClpX6 ') about 50% faster than Arc-st 1 with
a C-terminal ssrA-tag (Burton et al., 2001). In this instance, an ssrA tag linked
chemically to a side chain roughly halfway through the protein sequence was at least as
effective in mediating protein degradation as an ssrA tag linked to the C-terminus though
a normal peptide bond. These results show that ClpXP can efficiently process and
degrade proteins with side-chain-linked ssrA tags located within the body of the
molecule. This observation also demonstrates that the inability of ClpXP to degrade the
side-chain ssrA-tagged RNase-H* L114C and R140C molecules efficiently does not
reflect an inherent inability to degrade molecules with internal side-chain linked ssrA
tags.
We also investigated ssrA-peptide tags of different lengths that were covalently attached
by disulfide-bond linkage to Cys27 of the Arc-EC27-stl 1 mutant (see Materials and
Methods). As shown in Fig. 7B, the protein with the shortest peptide conjugate (C-ssrA;
12 residues total) was degraded relatively slowly by ClpXP. Placing an additional five
(C-5X-ssrA) or ten (C-1OX-ssrA) residues between the N-terminal cysteine of the peptide
and the C-terminal ssrA tag resulted in significant faster ClpXP degradation. These
results demonstrate that the length of the ssrA tag attached to a protein side chain plays
an important role in determining the rate of ClpXP degradation. During the course of
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Figure 7. ClpXP degradation of Arc-variants with ssrA-peptide tags crosslinked to
cysteine side chains. (A) ClpXP efficiently degrades a conjugate in which the 10X-ssrA
peptide was cross-linked to Cys32 of the Arc-SC32-stl 1 protein using sulfo-MBS but
does not degrade the unconjugated Arc-SC32-stll protein. (B) ClpXP degrades
conjugates with longer cross-linked ssrA peptides faster. In this panel, the C-ssrA (12
residues total), C-5X-ssrA (17 residues total), or C-1OX-ssrA (22 residues total) peptides
were cross-linked to Cys27 of the Arc-EC27-stl 1 protein by disulfide-bond formation.
In both panels, degradation was assayed by SDS-PAGE and staining with SYPRO®
Orange. In panel A, the stained gel was quantified by fluorimaging. In panel B, the
stained gel is shown.
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these experiments, we found that the presence of small quantities of reducing agents in
the degradation assay buffer resulted in reduction and therefore loss of some of the
disulfide crosslinked ssrA peptide. Although this potential problem can be avoided by
scrupulous avoidance of reducing agents, the sulfo-MBS crosslinking strategy avoids this
problem of reversible linkage.
DISCUSSION
Protein denaturation is a prerequisite for ClpXP degradation because native proteins are
excluded from the proteolytic chamber of ClpP by small entry portals (Wang et al.,
1997). Nevertheless, for RNase-H*-ssrA and its variants, we find that global
thermodynamic stability is uncorrelated with the rate of ClpXP denaturation or
degradation. For example, although the L78D and L1 12D mutations reduce the stability
of wild-type RNase-H*-ssrA by 7 and 9 kcal/mol, respectively, the L78D mutant is
actually degraded more slowly than wild type by ClpXP, whereas the L1 12D mutant is
degraded faster by this protease. We have previously noted that global protein stability,
measured either in equilibrium or kinetic terms, is also uncorrelated with the rates of
ClpXP degradation of ssrA-tagged proteins from different structural families (Kenniston
et al., 2003). Indeed, although T. thermophilus RNase-H*-ssrA (AGu = 12 kcal/mol) is
hyperstable, it is degraded by ClpXP with a maximal velocity roughly 15-fold faster than
titin-127-ssrA which is metastable (AGu = 6 kcal/mol).
Matouschek and colleagues (Lee et al., 2001; Matouschek, 2003) have proposed that
global stability is a poor measure of susceptibility to degradation by ClpXP and related
proteases because these enzymes initiate protein denaturation by pulling on the
degradation tag, making the local stability of the structural element attached to the C-
terminal ssrA tag of paramount importance. This local stability model predicts that
proteins that are rapidly degraded by ClpXP will have relatively unstable structures
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attached to the degradation tag and vice versa. The degradation tag of RNase-H*-ssrA is
attached to the C-terminus of a-helix E of the protein. Indeed, native-state hydrogen
exchange experiments show helix E to be the least stable structural element in T.
thermophilus RNase H* (Hollien and Marqusee, 1999a).
If local stability near the C-terminal ssrA tag is a major determinant of the ClpXP
denaturation rate, why is the unstable L87D variant of RNase-H*-ssrA degraded more
slowly than the wild-type protein by ClpXP? One possibility is that the structure of the
L87D variant may change in some fashion to reduce the energetic impact of burial of the
aspartic-acid side chain within the hydrophobic core, and that this conformational
rearrangement is propagated in a way that results in a slightly greater local stability of the
C-terminal helix. Alternatively, this mutation may not affect ClpXP denaturation but
instead slow degradation by reducing the translocation rate.
We believe that ATP-dependent conformational changes in ClpX result in a physical
pulling of the degradation tag and the attached native protein into the central protein-
processing pore of the enzyme. By this model, force would be applied to the protein
because it is too large to enter this pore without denaturation. In principle, the direction
of the mechanical force applied by ClpX, which should occur along the translocation
path, should also be important in determining the resistance of structural elements to local
denaturation. Our studies show that attaching an ssrA tag via a cysteine side chain at
position 140 in the second turn of a-helix E, creates a protein that is quite resistant to
ClpXP degradation. We propose that the geometric disposition of the degradation tag in
this molecule causes ClpX to pull in a direction perpendicular to the helix E axis.
Because helix E is packed against one face of the n-sheet in RNase H (Ishikawa et al.
1993), an extensive set of packing interactions would have to be broken to allow helix E
denaturation. By contrast, when the ssrA tag is attached to the C-terminus of helix E,
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ClpX could apply a destabilizing force along the helical axis. This could potentially
allow denaturation of this helix in increments of one or a few residues at a time, reducing
the energy barrier for the initiation of enzyme mediated unfolding. Interestingly, these
ideas are supported by recent atomic-force microscopy (AFM) experiments which
demonstrate that the direction in which an unfolding force is applied to a protein is
important in determining its mechanical resistance to that force (Carrion-Vasquez et al.,
2003; Brockwell et al., 2003).
Alternative explanations for the resistance of the side-chain ssrA-tagged RNase-H*
variants to ClpXP degradation include inaccessibility of the degradation tags or inability
of ClpX to denature or translocate proteins beginning from a site that is not at a terminus
of the polypeptide chain. The side-chain ssrA-tagged R140C and L114C variants of
RNase-H* competed efficiently for ClpXP degradation of a good substrate, showing that
ClpX can engage the ssrA tags of these molecules. Moreover, a side-chain ssrA-tagged
variant of the Arc-SC32-stl 1 protein was degraded very efficiently by ClpXP. The site
of crosslinking in this molecule is 32 residues from the N-terminus and 31 residues from
the C-terminus. Clearly, ssrA tags can direct efficient ClpXP degradation from positions
distant from the termini of the polypeptide chain suggesting that regions of the
polypeptide N- and C-terminal to the site of crosslinking are translocated simultaneously
(for discussion, see Burton et al., 2001). We conclude that the resistance of the side-
chain ssrA-tagged R140C and L114C variants of RNase-H* to ClpXP degradation results
from a combination of the local stabilities of the secondary structures to which the
degradation tags are attached (helix D is far more stable than helix E; Hollien and
Marqusee, 1999a) and the requirement that ClpX apply force to these molecules in a
fashion that requires the disruption of a large number of interactions before local
denaturation ensues. The analysis of ClpXP degradation of side-chain ssrA-tagged
proteins may provide a method for the determination of local protein stability and
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resistance to mechanical deformation. Degradation of circularly permuted protein
molecules with terminal degradation tags provides another method for addressing these
questions (Lee et al., 2001).
Although side-chain ssrA-tagged proteins can be efficiently degraded by ClpXP in some
circumstances, the length of the ssrA tag was shown to play a very important role in
degradation of the Arc-EC27 variants. For example, we found that a protein conjugate
with a 22-residue ssrA tag peptide was degraded about 10-fold faster than one with a 12-
residue degradation tag. We assume in this case that the shorter ssrA peptide is less
accessible to ClpXP, provides a weaker grip that results in less efficient mechanical
denaturation, or interferes in some fashion with the ability of the enzyme to engage or
translocate several regions of polypeptide chain at the same time. The addition of an 11-
residue linker between the ssrA tag and the substrate may permit the degradation tag to
reach a site of interaction in CIpXP more effectively. Alternatively, it is also possible
that the additional residues (CKWGNKKGRHG) provide a stronger interaction of
peptide with ClpXP, resulting in a more efficient application of an unfolding force.
Previous studies suggest that ClpX loses its grip on bound substrates if the substrate
provides significant mechanical resistance to denaturation (Kenniston et al., 2003),
supporting the idea that the strength of the interaction between a substrate and ClpX may
influence how well it can be unfolded.
At saturating substrate concentrations, either denaturation or translocation can be rate-
limiting for the overall ClpXP degradation reaction (Kenniston et al., 2003). For the
wild-type RNase-H*-ssrA substrate, degradation of a single molecule by ClpXP takes an
average of roughly 16 sec, approximately 7 sec for denaturation and 9 sec for
translocation. Clearly, both steps contribute significantly to the overall reaction rate.
Both steps are also similar in terms of ATP consumption, requiring hydrolysis of roughly
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50 ATPs for denaturation and 50 ATPs for translocation. For comparison, ClpXP
degradation of titin-I27-ssrA requires an average of about 240 sec, with denaturation
accounting for roughly 226 sec and using more than 500 ATPs and translocation
requiring approximately 14 sec and using about 100 ATPs (Kenniston et al., 2003).
ClpXP is clearly able to unfold the C-terminal a-helix of RNase-H*-ssrA far more easily
than the C-terminal -sheet of titin-I27-ssrA. It is tempting to speculate that a-helices
may be inherently easier to unravel than 13-sheets (for discussion, see Lee et al., 2001).
Indeed, Arc-ssrA and RNase-H*-ssrA, which end in ct-helices, are degraded more rapidly
by ClpXP than titin-I27-ssrA and GFP-ssrA, which end in -strands that form parts of 3-
sheets (Kim et al., 2000; Burton et al., 2001; Kenniston et al., 2003). However,
mutations in the ssrA proximal 13-sheet of titin-ssrA increase its ClpXP degradation rate
to a value faster than degradation of Arc-ssrA.
The ATPase motor of ClpX runs more than twice as fast during denaturation of RNase-
H*-ssrA than titin-I27-ssrA (Kenniston et al., 2003). This result suggests that engine
speed in determined, at least in part, by the resistance of the substrate to denaturation.
Translocation of unfolded RNase-H*-ssrA (176 residues total) from ClpX to ClpP also
appears to occur more rapidly and to consume less ATP at a lower hydrolysis rate than
translocation of titin-I27-ssrA (121 residues total). This observation indicates that the
rate and energetic cost of translocation can not be a simple function of polypeptide chain
length but rather must depend in some fashion on the sequence and thus the physical
properties of the denatured protein molecule.
Note: Refer to Appendix p. 153 for further results and discussion on the degradation
of RNase H*-ssrA
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ABSTRACT
Energy-dependent proteases, such as ClpXP, are responsible for the regulated destruction
of proteins in all cells. AAA+ ATPases in these proteases bind protein substrates and
power their mechanical denaturation and subsequent translocation into a secluded
degradation chamber where polypeptide cleavage occurs. Here, we show that model
unfolded substrates are engaged rapidly by ClpXP and are then spooled into the
degradation chamber at a rate proportional to their length. Degradation and competition
studies indicate that ClpXP initially binds native and unfolded substrates similarly.
However, stable native substrates then partition between frequent release and infrequent
denaturation, with only the latter step resulting in committed degradation. During
degradation of a fusion protein with three tandem native domains, partially degraded
species with one and two intact domains accumulated. These processed proteins were not
bound to the enzyme, showing that release can occur even after translocation and
degradation of a substrate have commenced. The release of stable substrates and
committed engagement of denatured or unstable native molecules ensures that ClpXP
degrades less stable substrates in a population preferentially. This mechanism prevents
trapping of the enzyme in futile degradation attempts and ensures that the energy of ATP
hydrolysis is used efficiently for protein degradation.
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INTRODUCTION
Many cellular processes are powered by molecular machines, which convert energy from
ATP into mechanical work. The AAA+ superfamily of ATPases represent an important
class of these machines, functioning in vesicle fusion, cargo transport, DNA and RNA
unwinding, remodeling of the cytoskeleton, DNA replication, transposition, and targeted
protein degradation (Neuwald et al., 1999). In known energy-dependent proteases,
hexameric AAA+ ATPase rings stack against a barrel-shaped peptidase, aligning the
central pore of the ATPase with a narrow axial portal of the peptidase. The ATPase ring
serves as the control and command center for the proteolytic machine. It binds
recognition elements in target proteins, denatures native protein substrates, and
translocates the unfolded polypeptide into the proteolytic chamber of the peptidase for
degradation (see Sauer et al., 2004 for review).
We have been interested in understanding the coordination of substrate binding,
denaturation, and translocation by the ClpXP protease of Escherichia coli (Kim et al.,
2000, Burton et al., 2001, Kenniston et al., 2003, Kenniston et al., 2004). Most substrates
for this ATP-dependent protease have unstructured recognition sequences or degradation
tags at their N- or C-terminus (Flynn et al., 2003). For example, adding an ssrA tag to the
C-terminus of a protein during tmRNA-mediated ribosome rescue makes it a substrate for
ClpXP and other E. coli proteases (Keiler et al., 1996, Gottesman et al., 1998, Herman et
al., 1998). The ssrA tag appears to bind to the central pore of the ClpX6 ATPase
(Siddiqui et al., 2004), where it serves as a grip or handle that allows the enzyme to apply
an unfolding force to the native substrate. Peptide-bond cleavage and product release
appear to be fast steps in degradation, whereas denaturation and/or translocation are the
slow steps for most native substrates (Kim et al., 2000, Burton et al., 2001, Kenniston et
al., 2003, Kenniston et al., 2004, Thompson and Maurizi, 1994, Thompson et al., 1994).
After unfolding by ClpXP or the related ClpAP protease, the ssrA tag is the first part of
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the substrate to enter the protease, suggesting that translocation proceeds in a C- to N-
terminal direction (Lee et al., 2001, Reid et al., 2001). The mechanism by which ClpXP
or related enzymes denature substrate proteins is not known, but the enzyme may
generate an unfolding force by beginning translocation of the degradation tag and
attempting to pull the attached native protein into the pore, which is too small for folded
proteins to enter (for discussion, see Sauer et al., 2004).
Studies of ssrA-tagged variants of the 127 domain of the muscle protein titin have been
extremely useful in probing individual steps in the processing of protein substrates by
ClpXP (Kenniston et al., 2003). The ssrA tag of the otherwise wild-type titin substrate is
attached to a -sheet with immense mechanical stability (Li et al., 2000), and we have
shown that proteolysis rates and ATP utilization during ClpXP degradation can vary
dramatically when this 3-sheet is destabilized by mutation (Kenniston et al., 2003).
Importantly, chemical modification of cysteines in the hydrophobic core of titin results in
global unfolding, and ClpXP degradation of carboxymethylated (CM) substrates can be
used to assess the contribution of steps other than denaturation (Kenniston et al., 2003).
During degradation of a single 121-residue molecule of ssrA-tagged titin, ClpXP
hydrolyzes about 100 molecules of ATP for translocation and uses an additional 500-600
ATPs for denaturation. The latter result suggests that application of an unfolding force
by the enzyme must, on average, be repeated many times to ensure substrate
denaturation. Whether the substrate remains bound to the enzyme between successive
denaturation attempts or is released and rebound is unknown.
Here, we show that the rate of ClpXP degradation of ssrA-tagged proteins containing one
to three unfolded titin domains is linearly dependent upon substrate length and that any
length-independent steps are very fast. These studies indicate that CpXP engages
denatured titin substrates rapidly and effectively irreversibly. Following this committed
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step, the rate of translocation determines the overall rate of degradation. By contrast,
results from degradation and competition experiments indicate that most molecules of
native titin undergo many cycles of binding, force application, release, and rebinding
until denaturation occurs. As a result, degradation of native titin is much slower than that
of unfolded titin. Although ClpXP degradation is generally highly processive, release of
partially degraded species with one or two folded domains and a 35-40 residue tail was
observed for a substrate composed of three native titin domains. Partitioning between
denaturation and release of stable native domains is therefore part of the normal
enzymatic cycle of ClpXP and plays an important role in substrate selectivity.
MATERIALS AND METHODS
Genes containing multiple copies of the titin-I27 domain were constructed by purifying
an Aval restriction fragment encoding the I27 domain from pET Aval (Carrion-Vazquez
et al., 1999), ligating this fragment to itself, and then cloning concatenated fragments into
a pET Aval vector modified by PCR to express proteins with MH-GLG and GLG-H6-
AANDENYALAA sequences at the N- and C-terminus, respectively (LG is encoded by
the Aval site; the underlined sequence is the ssrA tag). Transformants were isolated
from E. coli XL1-Blue (New England Biolabs, Beverly, MA) and plasmids encoding
different numbers of titin domains were identified by colony PCR. Using PCR
mutagenesis, a FLAG-titin3 construct was generated by modifying the N-terminal
sequence to encode MHDYKDDDDK-GLG (FLAG epitope underlined).
Proteins were expressed in E. coli JK10 cells (clpP::cat, Alon, slyD::kan, XDE3), and
purified by Ni++ NTA chromatography. Native FLAG-titin3 and truncated fragments
were purified by binding to ANTI-FLAG® M2-Agarose (Sigma) in 20 mM HEPES (pH
7.5)/ 500 mM NaCl and eluting with 100 mM glycine (pH 3.5). A buffer of 500 mM
Tris-HCl (pH 8.8)/20 mM DTT was immediately added to raise the pH and prevent or
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reverse cysteine oxidation, and the purified material was dialyzed into 20 mM NaPO4 (pH
7.5)/ 150 mM NaCl. Proteins were radiolabeled with 35S as reported (Gottesman et al.,
1998) and were purified like unlabeled protein. The molecular weights of all titin
variants were verified by MALDI-TOF mass spectrometry (MIT Biopolymers Lab).
Carboxymethylation of titin proteins was performed as reported in reference 5, except for
titin 0, which required a 1000-fold molar excess of iodoacetic acid (Creighton, 1974).
The structures of titin variants were assayed by circular-dichroism (CD) spectroscopy,
temperature melts, and tryptophan fluorescence (Kenniston et al., 2003). A H6SP-ssrA
tagged variant of GFP (Bolon et al., 2004), ClpX (Burton et al., 2003), and ClpP (Kim et
al., 2000) were purified as described.
ClpXP degradation reactions were performed at 30 C in 25 mM HEPES-KOH (pH 7.6)/
100 mM KCl/10 mM MgCl 2/10% glycerol/2 mM DTT with an ATP regeneration mix (5
mM ATP/0.032 mg/mL creatine kinase/16 mM creatine phosphate). For degradation of
35S-labeled substrates other than FLAG-titin3, reactions contained 0.1 PM ClpX6 and 0.3
PM ClpP14 and were assayed by release of TCA-soluble radioactive peptides (Gottesman
et al., 1998). For degradation of FLAG-titin 3, reactions contained 0.3 M ClpX6, 0.9 M
ClpP 14, and 0.3 pM SspB2 (a gift from G. Hersch, Massachusetts Institute of Technology)
and were quenched at different times by addition of SDS-loading buffer and run on 15%
SDS gels. Following autoradiography, band intensities were determined using
ImageQuant (Molecular Dynamics) and normalized for the expected specific activities of
each fragment. Subtilisin digestion was performed for 30 min at 30 C using a 1:1000
(wt/wt) ratio of enzyme to substrate. Inhibition constants (Ki) were calculated for
different competitors from changes in KMaPP for ClpXP degradation of CM-titinj using the
equation KMaPP = KM(1-[I]Ki). Computer simulations were performed using CHEMICAL
KINETICS SIMULATOR 1.01 (IBM).
114
RESULTS
We constructed and purified fusion proteins containing 1, 2, 3, or 10 tandem titin-I27
domains followed by a His6-tag sequence and a C-terminal ssrA tag. For experiments
requiring denatured titin domains, purified proteins were carboxymethylated by reaction
with iodoacetic acid (Kenniston et al., 2003). We refer to the native ssrA-tagged fusion
molecules as titinx proteins, where X represents the number of repeated titin domains,
and to the denatured carboxymethylated variants as CM-titinx proteins.
Length dependence of degradation of unfolded titin substrates
If the rate-limiting step in ClpXP degradation of unfolded titin is translocation (Kenniston
et al., 2003), then a linear relationship should exist between the degradation rate and the
number of titin repeats in a substrate. To test this model, initial rates for ClpXP-
degradation of 35S-substrates with one, two, or three unfolded titin domains were
measured by release of acid-soluble radioactive peptides. For each substrate, rates
determined at different substrate concentrations fit well to a simple Michaelis-Menten
kinetic model (Fig. 1A). KM values for these substrates were similar (0.5 + 0.2 PM), but
were roughly 3-fold lower than reported previously (Kenniston et al., 2003). The His6-
tag sequence adjacent to the ssrA tag in the substrates used here, which was absent in the
original single-domain substrate, probably accounts for this difference. Maximal
turnover rates (kcat = VmJEto,,,) for the one-, two-, and three-domain substrates were 3.4 +
0.3 min -', 1.8 ± 0.2 min -', and 1.3 + 0.1 min -', respectively (Fig. 1A; Table 1). We also
assayed ClpXP degradation of the CM-titin 0o substrate. Although aggregation at
concentrations above 1 PM precluded determination of reliable kinetic parameters, rates
at low substrate concentrations were consistent with a KM of 0.38 pM and a k,,, of 0.58 +
0.3 min'.
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Table 1: Steady-state ClpXP degradation and inhibition parameters.
ssrA-tagged titin length kca, KM kca./K Ki
variant residues min' [ClpXP]6 ' IM yM -' min' PM
titin, 113 0.17 0.02 0.50 + 0.2 0.34 1.0 + 0.14
CM-titin, 113 3.4 + 0.3 0.60 + 0.2 5.7 0.5 + 0.11
CM-titin, 205 1.8 + 0.2 0.48 + 0.2 3.8 0.38 + 0.10
CM-titin 3 297 1.3 + 0.1 0.45 + 0.2 2.9
CM-titin 0 941 0.58 ± 0.3 0.38 ± 0.2 1.5 0.13 ± 0.05
The average time required for ClpXP degradation of titin constructs with one, two, or
three unfolded domains is plotted as a function of substrate length in Fig. 1B. Two points
are notable. First, the plot is linear, indicating that each unfolded titin repeat adds a
constant value to the time required for ClpXP degradation. Second, the y-intercept,
which represents the time required for any length-independent steps in the degradation of
unfolded titin, is 0.01 min (error limits 0-0.04 min). Hence, substrate-processing steps
other than translocation appear to be too fast to contribute significantly to the degradation
rate of these unfolded substrates. The inverse slope of the plot is 387 ± 25 residues min'.
Assuming that translocation is the length-dependent step (see Discussion), this value
represents the average rate of spooling of unfolded titin into the degradation chamber of
ClpP. This rate predicts a kat of 0.4 min' for CM-titin1 0 , which is within error of the
experimental value (Table 1).
Preferential degradation of unfolded substrates
KM for ClpXP degradation of native titin1 (0.5 M) was similar to that for unfolded CM-
titin, (0.6 /M), but kca, for the native substrate (0.17 min') was much slower than for the
unfolded substrate (3.4 min-'; Table 1). These steady-state kinetic parameters predict that
ClpXP should degrade the unfolded substrate much faster than the native substrate. To
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Figure 1. Degradation of native and unfolded titinx proteins. (A) Michaelis-Menten plots
for ClpXP degradation of unfolded titin substrates. (B) Length dependence of the average
time for ClpXP degradation of unfolded titin substrates. (C) Competitive ClpXP
degradation of native and unfolded single-domain titin substrates (10 M each). (D)
Lineweaver-Burke analysis of the degradation rate of different concentrations of 35S-
labeled CM-titin1 in the presence of unlabeled titin proteins (1 jM each). Degradation
reactions contained 0.1 I M ClpX6, 0.3 pM ClpP14.
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test this proposal, 10 pM concentrations of titin and CM-titinl were mixed and subjected
to ClpXP degradation (Fig. 1C). The native substrate was 35S-labeled in one experiment
and the denatured substrate was 35 S-labeled in an otherwise identical experiment to allow
degradation of both substrates to be assayed under competitive conditions. ClpXP
degraded the unfolded substrate rapidly, whereas degradation of native titin, in the mix
was at or near the detection limit. Because these substrates have similar KM values, the
enzyme must engage the native substrate far more slowly than the denatured substrate.
Competition by native and unfolded substrates
To determine the ability of native or unfolded titinx molecules to bind ClpXP, regardless
of their eventual fate, we assayed degradation rates for different concentrations of 35S-
CM-titin, in the presence or absence of unlabeled competitor proteins at concentrations of
1 M. The resulting data fit a simple competitive model in which the unlabelled
substrates increase the apparent KM for the radiolabeled substrate but do not change kat
(Fig. D). Inhibition constants (Ki) calculated from these data were 1.0 ± 0.14 FM for
native titinl, 0.5 ± 0.11 pM for CM-titin,, 0.38 ± 0.10 FM for CM-titin2, and 0.13 + 0.05
/M for CM-titin1 0 (Table 1).
The initial interaction of denatured and native titin proteins with ClpXP is mediated by
the ssrA tag and thus should be similar for all substrates. Hence, to the extent that kcat is
reciprocally related to the time that a substrate is bound to the enzyme, one would expect
titin substrates with smaller kcat values to be better competitors and vice versa. Indeed,
longer unfolded titin substrates have smaller kcat values and are better inhibitors than
shorter unfolded substrates. This result makes sense if these molecules are bound and
irreversibly engaged by ClpXP with similar kinetics, because length-dependent
translocation would ensure that a longer molecule occupied the enzyme for a prolonged
period of time. However, native titin, was a poorer inhibitor than unfolded CM-titinl,
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despite having a similar KM and a 20-fold lower value of kat,
.
As demonstrated by the
modeling discussed below, this result can be explained if native substrates are bound and
released many times, on average, before finally being denatured and irreversibly engaged
by the enzyme.
Partial degradation of a multi-domain native titin substrate
Previous studies have shown that ClpXP and related proteases can produce partially
degraded protein products when it stalls while attempting to denature a second folded
domain within a multi-domain substrate (Lee et al., 2001, Hoskins et al., 2002, Ortega et
al., 2002, Lin and Kobayashi et al., 2003, Prakash et al., 2004). It has not been clear,
however, whether the enzyme irreversibly stalls or sometimes succeeds in denaturing and
degrading the second domain. Similarly, whether these partially degraded proteins are
released from the enzyme has not been established. To investigate these questions, we
assayed ClpXP degradation of a titin3 substrate with an N-terminal FLAG epitope in both
native and unfolded states. 3 S-labeled substrates were incubated with ClpXP for varying
times and degradation was assayed by SDS-PAGE and autoradiography (Fig. 2A & 2B).
For technical reasons, these experiments were performed in the presence of SspB, an
adaptor that strengthens binding of ssrA-tagged substrates to ClpX (Wah et al., 2003).
Degradation of native FLAG-titin3 resulted in the appearance of two partially degraded
species, with sizes consistent with the loss of one and two titin domains from the
substrate (Fig. 2A). Similar results were obtained when ClpXP degradation was
performed in the absence of SspB (data not shown). Most one- and two-domain species
remained refractory to further degradation, even at the latest time-points. This result was
not caused by inactivation of ClpXP or depletion of ATP, as addition of fresh enzyme
and/or additional ATP did not stimulate further degradation (data not shown). Partial
native FLAG-titin3
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Figure 2. Degradation and properties of FLAG-titin3. (A) Kinetics of degradation of
native 35 S-FLAG-titin3 (0.3 jiM) assayed by SDS-PAGE. (B) Degradation of denatured
35S-CM-FLAG-titin 3 (2 /M). (C) Native domains in the titin1 and titin3 proteins have
similar melting temperatures. (D) Western blots show that partially degraded titin
proteins have the FLAG epitope but lack the ssrA tag. Degradation reactions contained
0.3 YM ClpX6, 0.9 PM ClpP 14, 0.3 yM SspB2.
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degradation was not observed during ClpXP degradation of the corresponding unfolded
substrate (Fig. 2B), demonstrating that the native titin fold plays an important role in the
genesis of these protein fragments. Each domain in native titin3 exhibited essentially the
same melting temperature as in titin, (Fig. 2C), suggesting that incomplete ClpXP
degradation of this protein did not result from any special stability properties introduced
by domain-domain interactions.
Western blots using antibodies against the N-terminal FLAG epitope or C-terminal ssrA
tag (Fig. 2D) showed that the partially degraded species were C-terminal truncations of
the intact protein, consistent with C-N degradation. Mass spectroscopy revealed major
fragments with molecular weights of 15294 and 25269, consistent with a final ClpXP
cleavage between Trp34 and Lys35 of either the central or C-terminal titin domain in
FLAG-titin3. Cleavage at these positions produced tails of approximately 37 residues
appended to the C-terminus of the remaining native titin domain(s). This length is
sufficient to span the distance from the entry of the ClpX pore to one of the active sites
within ClpP (Lee et al., 2001).
ClpXP releases the partially processed titin proteins
Partially degraded proteins might be released from ClpXP during the normal enzymatic
cycle but not rebind because they lack a degradation tag. Alternatively, they might only
be released during preparation of samples for SDS-PAGE. Multiple results support the
first model. For example, partially degraded products purified from degradation
reactions under native conditions by anti-FLAG affinity were not contaminated by ClpX
or ClpP (data not shown). Moreover, the concentration of substrate fragments produced
after 3 h of ClpXP degradation increased in a linear fashion with the initial FLAG-titin3
concentration (Fig. 3A). If these products were not released from ClpXP, dead-end
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Figure 3. Partially degraded titin species are released by ClpXP. (A) Production of
partially degraded species by ClpXP degradation of different initial concentrations of
FLAG-titin3. (B) SDS-PAGE autoradiogram of 35 S-labeled titin proteins and fragments.
lanes 1-3, purified titin,, titin2, and titin3 standards; lanes 4-5, purified FLAG-titin3
degradation products ± subtilisin; lanes 6-7, FLAG-titin3 degradation products after 60
min of ClpXP degradation ± subtilisin. (C) After 4 or 60 min of incubation of 0.3 M
ClpX 6, 0.9 pM ClpP14, 0.3 FM SspB2 with (+) or without (-) FLAG-titin 3 (0.3 YM), GFP-
ssrA (0.3 yM) was added and its degradation was monitored by loss of fluorescence.
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proteolytic complexes should have accumulated and resulted in non-linear generation of
products. Digestion with another protease was also used to assess the accessibility of the
tails of the partially degraded FLAG-titin3 substrates after purification or in the original
degradation mix with ClpXP. In both cases, addition of a small amount of subtilisin
removed approximately 20 residues based upon changes in SDS-PAGE mobility (Fig.
3B, lanes 4-7). If the tails of the partially degraded fragments were threaded through the
ClpX pore and into ClpP, some protection from subtilisin cleavage would have been
expected because no significant degradation of ClpXP was observed (data not shown).
Thus, this experiment supports the normal release model.
As a final test for the release of partially degraded titin molecules from ClpXP, we
assayed the concentration of free enzyme early and late in the degradation reaction. For
these experiments, FLAG-titin3 and ClpXP were mixed, and degradation was allowed to
proceed for 4 or 60 min. SsrA-tagged GFP was then added and its degradation by ClpXP
was assayed by loss of fluorescence. After 4 min of FLAG-titin3 degradation, ClpXP
degraded GFP at roughly 65% of the rate of a control reaction lacking the titin substrate
(Fig. 3C). Thus, about 35% of ClpXP was engaged in degrading FLAG-titin3. After 60
min, by contrast, ClpXP degraded GFP at the same rate as the control reaction lacking the
titin substrate (Fig. 3C), indicating that no partially degraded fragments remained bound
to the enzyme.
Modeling of CIpXP proteolysis of titin substrates
To assess the validity of our qualitative conclusions, we developed models for ClpXP
degradation of titinx substrates and tested if they could reproduce our degradation and
competition results. A basic model depicts degradation of native titin, and unfolded titinx
substrates (Fig. 4A). Based on results presented above, the translocation rate was set at
123
A E+S
8 150 t 150 400/n
E+S - ES -0 ES* ~- ET --- E+P
4 0.18
B E+S E+P1 E+P2
20 1t 10.09 t0.09150 0 18 0 18 18E+S ' ES - ES1* 02 8 ES2* 0 8 ES3* 18 E+pept
4
o- e..T 
i l x6-[E
P14-Li
I -
I 0
: 0.5-
0-
I )
0.3
.;5
0.2
3 2 0
.,
0.5 0
o -. o
U Z >*§ s . 0 20 40 60
time (min)
Figure 4. Kinetic modeling of ClpXP degradation. (A) Model for ClpXP degradation of
native titin1 and denatured CM-titinx variants. Units for rate constants are M -' min -' for
the E+S->ES step and min-' for all other steps. For steps where the rate constant for the
native and unfolded substrates differs, the native value is in bold and the denatured value
is in italics. Denaturation of the native substrate occurs in the ES*ET step. The
ET-E+P step is unrealistic as product formation and release probably begin as soon as
35 residues of the polypeptide have been translocated and well before ClpX is free to
engage another substrate; practically, however, this simplification does not grossly affect
the results. (B) Model for degradation of the FLAG-titin3 substrate. Units as defined in
panel A. Because denaturation is much slower than translocation, these steps are
combined into a single step for the downstream domains. (C) Comparison of
experimental values (light grey bars) with simulated values (black bars) calculated using
the model in panel A. (D) Changes in substrate and partially degraded protein
concentrations during ClpXP degradation of FLAG-titin3 . The symbols represent
experimental values (see Fig. 2A). The solid lines were simulated using the model in
panel B.
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400/n min-1 (n = residue number). The rate constants for other steps were varied by trial-
and-error until computer simulated and experimental results were similar. The kinetic
scheme and constants shown in Fig. 4A predicted Ki and kat values that matched
experimental parameters very well and KM values that matched moderately well for four
native and denatured titin substrates (Fig. 4C). Notably, the rate constants for
partitioning of ES* and for length-dependent translocation in this model determine the
distinct properties of these different titin molecules as ClpXP substrates and competitors.
For the titin3 substrate, the basic model was extended to include two additional
intermediates (ES2* and ES3*) at which native domains could dissociate or be denatured,
and the denaturation and translocation steps for each domain were represented as a single
step (Fig. 4B). The constants for the initial association/dissociation and substrate release
steps are slightly different than in Fig. 4A because of the presence of SspB. Simulations
based on this extended model predicted the kinetics with which full-length FLAG-titin3
disappeared and partially degraded species accumulated with good accuracy (Fig. 4D).
Hence, denaturation/release reactions for each successive titin domain at the ES 1*, ES2*,
and ES3* intermediates accounts nicely for the experimental results.
DISCUSSION
By studying ClpXP degradation of ssrA-tagged proteins containing unfolded titin
domains, we found that kc, was a simple linear function of the number of residues in each
substrate. This length dependence should reflect the average substrate translocation rate
through ClpX and into the degradation chamber of ClpP (about 400 residues min-'), as
the subsequent peptide-bond cleavage and product-release steps are much faster reactions
(Thompson and Maurizi, 1994, Thompson et al., 1994). Our results place a lower limit
on the combined rates ( 25 min-) of any steps in ClpXP degradation that are not length
dependent. At saturating substrate concentrations, translocation of a single unfolded titin
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domain takes about 15-20 s and is the rate-limiting step in degradation, whereas other
steps take only a small fraction of this time.
ClpXP degradation of native titin, takes 5-6 min when substrate is saturating. Once
ClpXP has denatured this molecule, translocation should require the same 15-20 s as the
unfolded substrate. How is the remaining time spent? Because the ssrA tag mediates
binding to ClpXP, the native substrate should bind ClpX at a rate similar to unfolded
substrates. Two alternative models are then possible: (i) the native substrate remains
bound to the enzyme until denaturation and translocation occur; or (ii) the native
substrate dissociates and rebinds multiple times on average prior to these committed
enzymatic steps. Our results support the second model and are inconsistent with the first
model, which incorrectly predicts that native titin should compete for ClpXP binding
much better than the unfolded substrate. In fact, native titin is a slightly poorer inhibitor.
A basic kinetic model (Fig. 4A) explains the properties of the native and unfolded titin
molecules, both as substrates and inhibitors of ClpXP. Although other kinetic schemes
might work equally well, examination of the model is instructive. Other than the length-
dependence of translocation, the differences in the properties of the different native and
unfolded titin substrates arise solely from differences in the rate at which the ES* species
partitions. For unfolded substrates, no dissociation of ES* is required to account for the
experimental data and the translocating species (ET) forms rapidly. By contrast, native
substrates in the ES* complex dissociate much faster than they are denatured to form the
committed ET species. As a result, many dissociation and rebinding events are required
before the chance of denaturation becomes significant. Dissociation of native substrates
from ES* probably occurs because the unfolding force strains the interaction between the
enzyme and substrate as well as the native fold of the substrate (Sauer et al., 2004,
Kenniston et al., 2003).
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ClpXP has a remarkable ability to unfold and degrade titin and other very stable proteins
(Kim et al., 2000, Burton et al., 2001, Kenniston et al., 2003, Kenniston et al., 2004,
Flynn et al., 2003, Lee et al., 2001, Bolon et al., 2004, Hoskins et al., 2002), which our
results suggest occurs largely through repeated cycles of substrate binding, force
application, and substrate release. In the end, this dogged enzymatic persistence leads to
substrate denaturation, but in a process that is expensive in time and ATP consumption.
Although the Fig. 4A model does not explicitly include ATP, we assume that all steps
following the initial binding of substrate to enzyme involve ATP hydrolysis. With this
assumption, an ATP hydrolysis rate of approximately 600 min-' for translocation and a
rate about 4-fold slower for all other steps nicely accounts for the observed ATP
consumption during ClpXP degradation of native and denatured titin substrates (for
discussion, see Kenniston et al., 2003). Each round of titin binding, force application,
and release would then be accompanied by the hydrolysis of 15-20 ATPs by the ClpX
hexamer. Only 4 ATPs are consumed during the degradation of a short ssrA-tagged
peptide (unpublished results), and thus the binding and ES-ES* steps of the model are
unlikely to consume most of the ATP during a single round of titin binding, attempted
denaturation, and release. Hence, roughly 15 ATPs appear to be hydrolyzed before ES*
dissociates, indicating that multiple denaturation attempts probably precede each release
event.
What happens when ClpXP begins degradation of a substrate but then encounters a stable
structural element that impedes further polypeptide translocation? In our studies of a
three-domain native titin substrate, partially degraded species accumulate. These species
consist of one or two N-terminal titin domains followed by a 37-residue tail from the
partially degraded domain, indicating that ClpXP stalls at some frequency when it
encounters the second or third titin domain during translocation. Partial degradation
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products, often with tails of similar length, also arise from incomplete proteolysis of other
multi-domain substrates by ClpXP, ClpAP, and the eukaryotic proteasome (Lee et al.,
2001, Hoskins et al., 2002, Ortega et al., 2002, Lin and Kobayashi, 2003, Prakash et al.,
2004). For instance, the proteasome incompletely degrades NfKB in a reaction that
appears to depend on the stability of a refractory domain (Lin and Kobayashi, 2003).
Two additional facts emerge from our studies of partial degradation of the titin3 substrate.
First, the partially processed protein fragments are released from ClpXP. Because these
experiments were performed with purified enzyme and substrate, the ability to release
partially degraded species with intact native domains must be an intrinsic activity of the
enzyme. Second, ClpXP degrades the second and third native domains of FLAG-titin3 to
some extent. Indeed, modeling suggests that denaturation and degradation of these
domains is twice as likely as release (Fig. 4B). Hence, upon encountering these
downstream folded domains during polypeptide translocation, the enzyme partitions
between a denaturation step and a release step. This event is obviously reminiscent of the
partitioning between denaturation and release that occurs when ClpXP encounters the
first native domain in a multi-domain substrate or in a single-domain substrate. Several
differences between these two classes of release/denaturation events are worth noting.
First, release prior to denaturation of the first domain permits rebinding to the enzyme via
the ssrA tag of the undegraded substrate, whereas tag-less protein fragments released
after degradation of the first domain would not rebind. Second, differences in the nature
of the substrate sequence serving as the grip for ClpX probably affect the applied
denaturation force and/or the release rate. The ssrA tag occupies the ClpX pore when the
first domain is encountered, whereas a different amino-acid sequence plays this role
when the second and third native domains are encountered.
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How do the partially degraded titin proteins, which contain a tail that must be threaded
through the ClpX pore and into CIpP, escape from the enzyme? One possibility is that
the attempt to denature a stable substrate also distorts ClpX. This structural strain could
disrupt the ClpX hexamer, allowing release of substrate both from the ATPase and from
ClpP. This model is plausible, as any denaturing force applied to distort the substrate
would also distort the enzyme, and ClpX hexamers are only moderately stable to
denaturation. A second possibility is that the ClpX ATPase motor runs in reverse for a
short period of time and actively translocates the tail out of the pore. Reverse
translocation may be possible, as unfolded polypeptides trapped in the chamber of
inactive ClpP can be released in a reaction that requires ClpX and ATP hydrolysis (Kim
et al., 2000). By either model, the trigger for substrate release must be a stochastic event
linked to the process of substrate denaturation, as partially degraded species were not
observed during degradation of a three-domain unfolded substrate. Whether ClpXP is
used to process substrates in the cell through partial degradation is not currently known.
Substrate selection by energy-dependent proteases is generally discussed in terms of the
specificity and strength of substrate binding. For example, sequence-specific recognition
of degradation tags and/or the tethering sequences of adaptor proteins are clearly
important in proteolytic targeting (Flynn et al., 2003, Gottesman et al., 1998, Herman et
al., 1998, Wah et al., 2003). However, the stability of a native protein can be equally
important in substrate selectivity. For instance, ClpXP degrades unstructured titin about
20-fold more rapidly than native titin, despite the fact that both molecules bear the same,
highly efficient ssrA degradation tag.
From a biological perspective, the ability of ClpXP to release difficult-to-denature
substrates may be important for two reasons. First, it is possible that ClpXP is unable to
denature and degrade some proteins with degradation tags. The ability to release such
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proteins would prevent the enzyme from becoming trapped in a futile endeavor. Second,
this release mechanism would allow the enzyme to continually sample a population of
substrates for those that could be readily engaged and degraded at the lowest energetic
cost. In the cell, for example, some ClpXP substrates are probably incomplete ssrA-
tagged proteins without structure, whereas other substrates are stable native proteins
(Flynn et al., 2003, Keiler et al., 1996, Roche and Sauer, 1999). In such a mixture,
ClpXP would preferentially degrade the unfolded and meta-stable substrates and
postpone degradation of the difficult-to-denature substrates. Because degradation of the
former substrates would consume less ATP, this strategy would be cost effective when
cellular energy stores were low but the demand for protein degradation was high.
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CHAPTER FIVE
Denaturation and translocation of the titin-I27 protein
with a N-terminal ssrA degradation tag
133
INTRODUCTION
Accumulating evidence suggests that ATP-dependent proteases denature substrate
proteins by unraveling them from the initial point of contact with the substrate
recognition tag (Lee et al., 2001, Matouschek, 2003, Kenniston et al., 2003, Kenniston et
al., 2004, Prakash et al., 2005). For instance, I demonstrated in Chapter Two that the
ability of the CIpXP protease to denature, and consequently degrade, a titin-I27 construct
bearing a C-terminal ssrA degradation tag was dependent on the stability of the C-
terminal structure abutting this tag. Specifically, destabilizing mutations within the C-
terminal A'-G P3-sheet (Fig. 1A) resulted in substrates that were denatured up to 40-fold
more rapidly than the wild-type protein. In contrast, a mutation that disrupted the A-B
3-sheet interaction distant from this C-terminal structure increased the rate of titin-I27
degradation only modestly even though this mutation reduced the overall thermodynamic
stability of the 127 domain to a greater extent than some of the C-terminal mutations.
These findings support the hypothesis that local stability proximal to the degradation tag
determines the extent to which a substrate can resist denaturation (Burton et al., 2001,
Lee et al., 2001, Kenniston et al., 2003, Kenniston et al., 2004). This general model
places the emphasis on local rather than global protein stability and is consistent with
ClpXP peeling apart the substrate from its primary point of contact with the degradation
tag to initiate denaturation.
If local protein stability indeed dictates how easily a protein can be enzymatically
denatured, then a titin-I27 molecule with a degradation tag positioned near a weak
structural element should be readily degraded by ClpXP. I therefore sought a location
within the 127 domain that was spatially distinct from the C-terminal A'-G interaction
and also was significantly less stable. The A-B interaction of the titin-127 domain (Fig.
1A) fulfills this criteria. It forms a relatively weak -sheet composed of just two
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Figure 1. Characterization of titin-I27 constructs. (A) Ribbon model of the titin I27
domain structure (PDB 1TIT, Improta et al., 1996). Strands involved in n-sheet
interactions are labeled A-G starting from the N-terminus. (B) Diagrams of the titin-ssrA
and N-ssrA-titin substrates indicating the location of the ssrA tag relative to the N- and
C-termini. (C) An N-terminal ssrA conjugate of titin-I27 is folded and has a thermal
stability equivalent to the titin-ssrA C-terminal fusion protein as measured by a CD
temperature melt (normalized CD ellipticity values at 220nm). (D) Native N-ssrA-titin (2
/M) is resistant to proteolysis by subtilisin. CM titin-ssrA and CM N-ssrA-titin (5/tM)
proteins are degraded at the same rate by subtilisin (subtilisin:titin=1:1000 w/w).
Degradation rates were determined by measuring the release of TCA soluble peptides
from the 35S-labeled proteins.
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hydrogen bonds and is located on the opposite N-terminal side of the domain (Improta et
al., 1996, Marszalek et al., 1999, Fowler et al., 2002). Using a cross-linking strategy, I
introduced a ssrA degradation tag at the N-terminus of titin-I27 and then studied the
degradation of both native and denatured conjugates by the ClpXP protease. My results
demonstrate that ClpXP can degrade titin-I27 proteins with an N-terminal ssrA tag
significantly faster than titin-I27 with a C-terminal tag, demonstrating that the domain is
more easily denatured when unfolding is initiated from a weaker structural element.
Moreover, similar rates of substrate degradation were observed for denatured I27-ssrA
molecules with the ssrA tag present at either the N- or C-terminus, suggesting that
substrate translocation can proceed in either the N-C or C-N direction with equal
efficiency.
RESULTS AND DISCUSSION
Crosslinking an ssrA-degradation tag to the N-terminus of titin 127
To construct a titin-I27 domain with an N-terminal ssrA tag, I constructed and purified a
titin-I27 mutant with an N-terminal cysteine and then conjugated it to a synthetic 20-
residue peptide consisting of the 11-residue ssrA sequence, an additional 9-residue spacer
(Kenniston et al., 2004), and an N-terminal maleimide group (see Materials and
Methods). The sulfhydryl group of the N-terminal cysteine was allowed to react with the
maleimide group of the ssrA peptide to form an 127-peptide conjugate, hereafter referred
to as N-ssrA-titin (Fig. 1B). This cross-linking strategy was chosen instead of directly
fusing a degradation tag to the N-terminus for several reasons. First, efficient ClpX
recognition of the ssrA tag requires a free a-carboxyl group at the C-terminus (Kim et al.,
2000, Flynn et al., 2001) and it therefore seemed unlikely that an expressed N-terminal
fusion-tag would be functional. Second, although N-terminal recognition motifs for
ClpX do exist (Flynn et al., 2003), it is not known whether they direct denaturation of
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local N-terminal elements. Moreover, differences in the strength of tag binding could
complicate the comparison of substrate degradation from either N- or C-termini. Third, I
reasoned that the maleimide functional group was unlikely to influence the ability of
ClpX to process the conjugated molecule because a more complicated cross-linker, also
bearing a maleimide, was previously shown to have little influence on ClpXP proteolysis
(Kenniston et al., 2004). Finally, the two wild-type cysteines in the sequence of the titin-
127 domain are buried in the hydrophobic core in the native state and therefore should not
react with the maleimide group. This property allowed the ssrA peptide to be targeted to
the N-terminal cysteine of the 127 construct, and allowed subsequent carboxymethylation
of the buried cysteines to produce an unfolded construct of the N-ssrA-titin conjugate
(Kenniston et al., 2003).
Native and carboxymethylated (CM) N-ssrA-titin molecules were purified to >95%
homogeneity. Circular dichroism (CD) spectra (data not shown) and temperature melts
(Fig. 1C) of native N-ssrA-titin were very similar to those of the titin-ssrA C-terminal
fusion protein, demonstrating that the N-terminal conjugation neither alters the native
fold of the 127 domain nor changes its inherent stability. Degradation by the broad
specificity protease subtilisin was used to confirm that CM-N-ssrA-titin was denatured.
In contrast to the native conjugate, CM-N-ssrA-titin was rapidly degraded by subtilisin
(Fig. 1D) at a rate similar to the degradation of unfolded titin-ssrA fusion protein. These
results indicate that the carboxymethylated conjugate adopts an unfolded conformation.
ClpXP Degradation of N-ssrA-titin
The rate of proteolysis of both native and unfolded 35 S-labeled variants of N-ssrA-titin by
ClpXP was determined by quantifying the release of acid soluble 35 S-peptides. For either
the native or denatured substrate, proteolysis only occurred when the ssrA-crosslink was
present (data not shown). Initial degradation rates were determined at multiple substrate
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concentrations and followed by Michaelis-Menten saturation kinetics (Fig. 2A). ClpXP
degradation of both native and unfolded N-ssrA-titin exhibited similar concentration
dependencies with KM's of 1.8 ± 0.2 and 0.6 + 0.1 M, respectively. These values are
well within the average range of KM values for ssrA-tagged substrates (Burton et al.,
2001, Kenniston et al., 2003) indicating that the ssrA tag within the context of the peptide
conjugate binds ClpX in a similar fashion. However, the 3-fold lower KM value for
unfolded N-ssrA-titin is significant and does suggest that the ssrA tag is more accessible
in this unfolded state.
Unfolded N-ssrA-titin
The maximal velocity of ClpXP degradation (kcat=V,,Etota) was 3.7 ± 0.4 min-' for the
denatured CM-N-ssrA-titin construct. As shown in chapters Two and Four, the overall
rate of ClpXP degradation for unfolded molecules of titin-ssrA reflects the rate of
polypeptide translocation into the ClpP degradation chamber (Kenniston et al., 2003,
Kenniston et al., 2005). Interestingly, the placement of the ssrA degradation signal at the
N-terminus of denatured 127 results in a degradation rate, and presumably translocation
rate, very similar to that of the C-terminally tagged 127 construct (4.3 0.4 min-',
Kenniston et al., 2003). This result confirms that the maleimide crosslink does not
interfere with normal processing by ClpXP. Moreover, given that substrate translocation
appears to proceed from the degradation tag (Lee et al., 2001, Reid et al., 2001), this
result suggests that ClpXP translocation of polypeptides occurs with equal efficiency in
either the C-N or N-C direction. This lack of a polarity preference stands in contrast
to some AAA+ machines, including the helicases RuvB and MCM4,6,7 which
translocate DNA specifically in the 5'--3' direction (Tsaneva et al., 1993, Kaplan et al.,
2003).
[N-ssrA-titin] (M)
titin-ssrAlll
* titin-ssrA
native denatured
Figure 2. Degradation of N- and C-terminal ssrA-tagged titin-I27 constructs by ClpXP.
(A) The initial rates of native and denatured (CM) N-ssrA-titin degradation by ClpXP
(kcat= VaEo) fit well to the Michaelis-Menten equation: native KM= 1.8 PM, k,,= 1.4
min-; denatured KM= 0.6 pM, kc, = 3.7 min'. (B) Comparison of ClpXP degradation of
native and denatured N- and C-terminal tagged titin-I27 constructs. kat values for native
(0.25 min-) and denatured (4.3 min') titin-ssrA constructs are from Kenniston et al.,
2003.
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The finding that ClpXP can translocate polypeptides starting at either terminus with equal
efficiency has interesting implications for the degradation of substrates with recognition
sequences other than the ssrA tag. Different classes of ClpX recognition tags have been
identified on both the N- and C-termini of substrate proteins (Flynn et al., 2003). It is
currently unknown how these recognition tags interact with ClpXP or if they mediate
substrate engagement in similar fashions. However, recent studies show some
recognition motifs interact with ClpX in a manner distinct from the ssrA tag (Flynn et al.,
2003, Siddiqui et al., 2004). Importantly, the results presented here make it highly
unlikely that translocation direction influences how rapidly substrates bearing alternative
degradation tags are degraded. It would clearly be interesting to compare the rates of
ClpXP degradation of denatured titin 127 constructs bearing the varying N- and C-
terminal degradation tags. Because translocation and subsequent processing of these
constructs should occur with similar efficiency, any differences in the rate of degradation
should be caused by differences in the rates of substrate engagement.
Native N-ssrA-titin
Although N-ssrA-titin and titin-ssrA have indistinguishable thermodynamic stabilities,
ClpXP degrades native N-ssrA-titin about 5-fold more rapidly (1.4 ± 0.2 min-', Fig. 2)
than titin-ssrA (0.25 min-', Kenniston et al., 2003). Substrate denaturation is rate-limiting
for CIpXP degradation of native titin-ssrA (Kenniston et al., 2003) and the increased rate
of proteolysis of N-ssrA-titin must reflect an increased ability of ClpXP to unfold this
substrate. Why is one substrate denatured more readily than the other? As noted earlier,
the N-terminal strand (strand A; Fig. 1A) forms a brief f-sheet interaction with strand B
resulting in a relatively weak contact compared to the more extensive A'-G -sheet
formed in part by the C-terminal strand. Indeed, atomic force microscopy (AFM)
experiments have measured the individual contributions of each of these -sheet
interactions towards the mechanical stability of the 127 domain, demonstrating that the A-
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B -sheet is disrupted by about half the force (-100 pN) required to disrupt the A'-G
f-sheet (200 pN, Marszalek et al., 1999, Fowler et al., 2002). Thus, the demonstration
that ClpXP can denature substrates with the degradation tag immediately adjacent to a
weaker structural motif more easily is consistent with a mechanism whereby unfolding is
initiated by application of a force on the degradation tag. Substrates with weak local
structure abutting the degradation tag will be less able to withstand the unfolding force of
ClpXP, and vice versa.
Given the general cooperativity of protein unfolding, local unfolding events initiated by
pulling on the degradation tag would often lead to global denaturation. Initiating
denaturation from the N-terminus of the 127 domain, however, may not necessarily
proceed in this manner. While AFM studies demonstrate that the A-B -sheet does
contribute to the mechanical strength of the 127 domain, its disruption, either by
mechanical deformation or mutation, leads to a stable unfolding intermediate that
maintains most of the features of the native 127 domain (Marszalek et al., 1999, Fowler et
al., 2002). In fact, full denaturation of the 127 domain only proceeds subsequent to the
unfolding of the C-terminal A'-G a-sheet. We have already observed with the titinx-ssrA
concatamers in Chapter Four that ClpXP is capable of initiating denaturation by pulling
on translocated substrate polypeptide sequences. However, how can we reconcile the fact
that ClpXP can degrade N-ssrA-titin significantly faster than its C-terminally tagged
counterpart given that the protease may still have to denature the stable A'-G P-sheet
even after disrupting the A-B 3-sheet? One possible explanation comes from my studies
with the ssrA cross-linked RNase-H* substrates examined in Chapter Three (Kenniston et
al., 2004). Here, I observed that initiating denaturation at different locations within the
same structural motif can result in very different unfolding rates. Because resistance to
mechanical deformation can strongly depend on the geometry with which the force is
applied (Carrion-Vasquez et al., 2003, Brockwell et al., 2003), it makes sense that the
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direction of force application on a substrate by the ClpXP enzyme may also determine
how susceptible it is to denaturation. If the A'-G P-sheet does remain intact subsequent
to disruption of the A-B interaction, perhaps it is easier to peel apart when ClpXP
initiates unfolding from the N-terminus of the A' strand as opposed to the C-terminus of
the G strand.
In summary, this study confirms earlier suggestions that the ClpXP protease unfolds
substrate proteins by unraveling them from their degradation tags (Lee et al., 2001,
Kenniston et al., 2003). Consistent with this hypothesis I found that the titin-I27 domain
with an ssrA degradation tag cross-linked to a relatively weak N-terminal structural motif
was degraded about 5-fold faster by ClpXP than a titin construct with the ssrA tag
attached to a mechanically stable C-terminal structure, despite both constructs exhibiting
identical global thermodynamic stabilities. This work also shows that ClpXP can
translocate unfolded polypeptides in either the C-N or N- C direction with equal
efficiency. These findings contribute to our understanding of the mechanisms used by
ClpX to denature substrate proteins and translocate them to ClpP for degradation.
MATERIALS AND METHODS
Expression and purification of N-ssrA-titin
Plasmids expressing the wild-type titin 127 domain (Kenniston et al., 2005) were
modified by PCR mutagenesis to encode an N-terminal cysteine after processing of the
initiator methionine (MCHLGLIEV; cysteine underlined and the N-terminal sequence of
127 italicized) and a C-terminal 6-histidine tag and FLAG epitope
(KVKELGLGH 6 DYKDDDDK; C-terminal sequence of 127 italicized, the His6-tag in
bold, and the FLAG epitope underlined). Protein was initially expressed and purified by
Ni++-NTA affinity as reported (Kenniston et al., 2005) except the purified stock was
stored and treated with 50 mM Tris-Cl (pH 8.8), 150 mM NaCl, and 50 mM DTT to
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reduce disulphide bond formation between N-terminal cysteines. 35S-labeled and
unlabeled titin-I27 proteins were purified by the same procedures, mixed together to form
a protein stock with a specific activity of approximately 5,000 CPM/M, and buffer
exchanged using a Pharmacia PD-10 column into 50 mM NaPO4 (pH 7.1), 150 mM
NaCl, and 5 mM EDTA. This material was immediately added to a 10-fold molar excess
of the peptide maleimide-GWDHHHHHHAANDENYALAA-COOH (ssrA tag
underlined, synthesized by Epytop, France) which had been dissolved in 200 mM NaPO4 ,
(pH 7.1) just prior to conjugation. Conjugation was allowed to proceed overnight at
room temperature before quenching by the addition of 50 mM DTT. Protein was buffer
exchanged into DEAE Buffer A (50 mM Tris-Cl (pH 8.8), 100 mM NaCl, 5 mM EDTA,
and 2 mM DTT) and loaded onto a DEAE Sephacel column (Amersham) equilibrated in
the same buffer. The column was washed with 100 column volumes (CV) of DEAE
Buffer A. N-ssrA-titin, which represented -30% of total reaction species, was step eluted
with DEAE Buffer B (DEAE Buffer A with 200 mM NaCl instead). Non-cross-linked
material eluted in the 100 mM NaCl washes, and doubly cross-linked material eluted at
!250 mM NaCl. Fractions containing N-ssrA-titin were buffer exchanged into FLAG
Buffer (50 mM Tris-Cl (pH 8.8), 150 mM NaCI, and 5 mM EDTA), loaded onto 2.5 mL
packed ANTI-FLAG® M2-Agarose resin (SIGMA) and washed with 30 CV FLAG
Buffer to remove non-conjugated peptide that remained after DEAE chromatography. N-
ssrA-titin was eluted with 100 mM glycine (pH 3.5), and the sample was immediately
brought to a final concentration of 100 mM Tris (pH 8.8), 10 mM DTT to raise the pH
and prevent or reverse cysteine oxidation. The sample was then concentrated and buffer
exchanged into 20 mM phosphate (pH 7.5), and 150 mM NaCl for storage. SDS-PAGE
autoradiograms of the final N-ssrA-titin stock were used to quantify (IMAGEQUANT,
Molecular Dynamics) band intensities revealing that the stock of N-ssrA-titin was -97%
pure (-3% contaminated with non-cross-linked titin-127). MALDI-TOF mass
spectroscopy confirmed the molecular weight expected for a conjugate with a single
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crosslinked ssrA peptide. Carboxymethylated variants of the N-ssrA-titin construct were
prepared as reported (Kenniston et al., 2003). Structural analysis of native N-ssrA-titin
was performed using circular-dichroism wavelength scans and temperature melts with 1
/FM conjugate as described (Kenniston et al., 2003).
Degradation Assays
Degradation reactions using 100 nM ClpX and 300 nM ClpP (gift of R. Burton, MIT)
were performed at 30°C with the buffer and ATP regenerating mix described in
Kenniston, et al., 2005. Degradation rates were measured by quantifying the release of
TCA soluble 35S-labeled peptides (Gottesman et al., 1998). Proteolysis by subtilisin was
measured under identical conditions in the absence of ClpXP and an ATP regeneration
mix using a ratio of subtilisin:titin-I27 of 1:1000 (w/w). Subtilisin digestion of 5 PM CM
N-ssrA-titin, 5 FM CM titin-ssrA, and 2 pM native N-ssrA-titin was measured by the
TCA assay.
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CHAPTER SIX
The ClpXP protease as a molecular motor
147
Work in the preceding chapters furthers our understanding of how AAA+ proteases like
ClpXP are able to efficiently degrade substrate proteins, despite the sometimes significant
resistance of these proteins to denaturation. The ability of the AAA+ proteases to
catalyze the denaturation of very stable proteins appears to arise from the combination of
a directional pulling mechanism and persistent, iterative unfolding attempts.
Degradation experiments reported here support a directional unfolding model whereby
AAA+ unfoldases like ClpX denature substrate proteins by peeling them apart from the
structural elements that the protease first encounters (Lee et al., 2001, Matouschek,
2003). Specifically, I showed that the susceptibility of substrate proteins to ClpXP-
mediated proteolysis correlates with the stability of local structure abutting the
degradation tag but not necessarily with global thermodynamic stability (Chapters Two,
Three, and Five). This finding suggests that AAA+ proteases can be very powerful
unfoldases by disrupting only part of the substrate protein structure, an event that should
lead to global structural collapse because of the cooperative all-or-none nature of protein
unfolding. If unfolding is initiated at a position of relatively weak local structure, then
this mechanism allows ClpXP to degrade even hyperstable proteins, such as the
thermophilic RNase H variants reported in Chapter Three.
Initiating substrate denaturation from different locations within a single local structural
motif can also result in different ClpXP unfolding rates (Chapters Three and Five),
suggesting that there may be geometric constraints in addition to regional stability
constraints. This directional dependence of unfolding parallels the pathway-dependent
forces measured in AFM unfolding experiments (Carrion-Vasquez et al., 2003;
Brockwell et al., 2003). Accumulating kinetic data makes it unlikely that CIpXP
catalyzes substrate denaturation by trapping interactions with transiently unfolded
hydrophobic or ionic patches. Thermodynamic linkage requires that such trapping would
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result in tighter binding of denatured substrate proteins to ClpXP, whereas I have found
that the binding ClpXP to denatured substrates is not significantly different than to the
corresponding native substrates (Chapters Two - Five). Taken together, the available
evidence is most consistent with CIlpXP denaturing substrate proteins by applying a
directional, mechanical unfolding force.
Each cycle of ATP binding, hydrolysis, and ADP/Pi release probably induces a series of
conformational changes in ClpXP that in the absence of resistance would mechanically
spool the substrate polypeptide through the pore of the complex (this study, Wang et al.,
2001). What happens when substrates resist mechanical unfolding by CIpXP? My
studies and those of others show that the rate of ATP turnover is slower during the
degradation of native substrates that are hard to denature, and that more cycles of ATP
hydrolysis are required to denature these substrates (Burton et al., 2001, Chapters Two
and Three). I also found that the CIpXP motor operates at two different speeds, fast
during polypeptide translocation and slow during the denaturation of native substrates
(Chapter Two). For a given substrate and its stability variant, the fast and slow motor
speeds appear constant. Thus, many more cycles of ATP hydrolysis and force
application are required to denature substrates that resist unfolding. Competition
experiments also show that substrates that resist unfolding are frequently released from
the ClpXP complex, allowing the protease to iteratively sample the protein population for
molecules that are susceptible to unfolding (Chapter Four). This mechanism prevents the
CIlpXP machinery from being jammed with substrates that are too difficult to denature,
but also allows the protease the persistence needed to eventually degrade even the most
difficult substrates.
The ability to denature and translocate substrates would be most simply achieved if
CIpXP utilizes the same conformational changes to drive both processes. Substrate
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proteins bind ClpXP by an exposed degradation tag that could be initially translocated
into the pore of the protease complex until native substrate structure precluded further
entry. A directional force would then be applied on the attached element of protein
structure in an iterative fashion, with some resistant proteins releasing from the complex,
but others unraveling and allowing further progress into the processing pore. Successful
local unfolding of structure would generally lead to global unfolding of the substrate and
subsequent translocation of the denatured polypeptide into the degradation chamber. For
some protein substrates, denaturation requires little effort by the AAA+ unfoldase and the
rate of polypeptide translocation largely determines the overall degradation rate (Chapters
Two and Four). For other substrates, like native titin-I27-ssrA, the denaturation step is
clearly rate-determining and can take many minutes to occur.
The motion of unfolded polypeptides through ClpXP could be compared to the way many
other molecular motors - such as kinesin, myosin, and RNA polymerase - track along
specific macromolecules. How does ClpXP compare to well-characterized molecular
motors? Single-molecule studies with kinesin reveal that this motor tracks along
microtubules very quickly (40,000 nm/min) and moves approximately 8 nm for every
molecule of ATP consumed (Howard et al., 1989, Svoboda et al., 1993, Svoboda and
Block, 1994, Schnitzer and Block, 1997). Work described here suggests that when
translocating unfolded polypeptides, ClpXP operates at much slower speeds (400
residues/min = 136 nm/min), and with a smaller stroke size per ATP hydrolyzed (1
residue/ATP = 0.34 nm/ATP). The different properties of these two motors may be
explained by the very different forces they are likely to encounter within the cell.
Kinesin molecules probably experience only small drag forces when carrying cargo along
microtubules in a crowded cell (Hunt et al., 1994). In this case, large forces are not
required for movement and more of the energy from ATP hydrolysis is used for longer
step sizes, facilitating kinesin's role in cargo transport. ClpXP, on the other hand, must
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exert significant power to drive the denaturation of stably folded proteins. Thus, just as
car engines require smaller gears with smaller step sizes to generate larger forces (to
climb steep hills for instance), so might macromolecular motors. Indeed, recent studies
suggest that smaller working stroke sizes may in fact generate greater forces. For
instance, the bacteriophage 29 portal motor, which has a small working stroke
comparable to that of ClpXP (0.68 nm/ATP), can translocate DNA against forces that are
about 10-fold greater than those that can stall kinesin molecules (Svoboda and Block,
1994, Smith et al., 2001). This makes sense if these motors have a similar efficiency of
energy conversion and therefore do similar amounts of work per ATP consumed (where
work = force x distance). This basic relationship demonstrates that the packaging motor
can produce the same work as kinesin by offsetting the shorter work distance with a
higher applied force. No force measurements have been made for ClpXP, although
recent single-molecule studies with other AAA+ ATPases suggest that this class of
motors can produce significantly greater forces than the kinesins (Amit et al., 2004,
Maier et al., 2002).
In terms of motor processivity or the ability to move along the substrate "track" without
dissociating, ClpXP may be as efficient as kinesin when the protease is translocating
unfolded polypeptides. Specifically, kinesin has been shown to move about 1400 nm
along microtubules before dissociating (Howard et al., 1989, Block et al., 1990). In
comparison, I observed that ClpXP completely degrades, and therefore completely
translocates, an unfolded CM-titin,0-ssrA concatamer that spans about -320 nm in length
(Chapter Four). This value presents a lower limit to the value of processivity for ClpXP
and it is likely that the actual processivity value during translocation is much higher.
Substrate polypeptide is threaded through the ringed ClpXP structure and transient
release of polypeptide from an interaction with the pore would likely result in the
substrate quickly rebinding rather than being completely unthreaded.
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As mentioned above, my experiments reveal that in addition to the relatively low
resistance of substrates to polypeptide translocation, ClpXP must sometimes handle very
heavy work-loads when it is unfolding native substrates. Moreover, ATP hydrolysis
appears to be loosely coupled to unfolding and substrates that resist denaturation
dissociate from the ClpXP complex (Chapter Four). This distinguishes ClpXP from
kinesin, which interacts only with a single type of "track". Instead, the AAA+ unfoldases
must deal with a variety of substrates with differences in stability and in the amino-acid
sequence of the degradation tag which could influence how the motors grip the substrate
and apply force (Chapters Two, Three, and Appendix). Therefore, when unfolding native
substrates, the processivity of ClpXP is lower and more variable than during
translocation.
Many AAA+ ATPases exist as ringed hexamers that translocate polymers of either
nucleic acids or proteins through a central pore (Parsons et al., 1995, Weibezahn et al.,
2004). It is therefore possible that some general features that I have described for ClpXP
could be used by other AAA+ machines. For instance, the loose coupling of the ClpX
ATP hydrolysis cycle with the force production machinery allows this motor to run
continually even when it fails to modify the substrate protein structure, thereby
preventing the motor from stalling under heavy loads. Although such loose coupling of
ATP hydrolysis could result in a lower motor processivity, it would be a smaller problem
for polymers that are translocated through the pore of an AAA+ hexamer because the
potential presence of multiple adjacent binding sites could mediate fast rebinding of
substrate without significant loss of directional movement. This feature would clearly be
useful for other ATPases that translocate polymers against a force, including the AAA+
chaperones that resolubilize protein aggregates, as well as the AAA+ helicases that
actively unwind nucleic acids.
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APPENDIX
Dependence of substrate residue composition on
polypeptide translocation by ClpXP
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In the following section I will briefly discuss two sets of experiments that suggest that the
chemical composition of the substrate polypeptide can influence how rapidly it is
translocated by ClpXP. In the first experiment, I look at the influence of small chemical
modifications of side-chain groups on the rate of substrate translocation. In the second, I
examine the substrate-specific influence of KCI on polypeptide translocation and briefly
discuss how this might relate to the residue composition of the substrate proteins.
Chemical modification of CM titin-I27-ssrA
To examine the influence of charged residues on substrate translocation by ClpXP, I
modified the amino-groups of CM titin-I27-ssrA with succinic anhydride, thereby
converting positively charged lysines and the N-terminal a-amino group to a negatively
charged moiety (no arginines are present in titin-I27). Unlike the unmodified molecule,
the resulting succinylated CM titin-I27-ssrA substrate did not react with the amine-
reactive TNBS (trinitrobenzene sulfonic acid) reagent, suggesting that all of the a-amino
groups were chemically modified (Fig 1A). Moreover, the molecular weight of the
succinylated variant as determined by MALDI-TOF mass spectroscopy correlated with
full modification of all CM titin-I27-ssrA a-amino groups with the succinic acid moeity
(data not shown). Maximal rates of ClpXP degradation of the succinylated and
unmodified CM titin-I27-ssrA were determined as previously reported (Chapter Two),
and reveal that succinylated CM titin-I27-ssrA was degraded at half the rate of the
unmodified variant (Fig. B). Because translocation is rate-limiting for the degradation
of these unfolded substrates (Chapter Two and Four), this observation demonstrates that
the succinylated residues caused a decrease in the rate of substrate translocation. This
experiment cannot resolve whether the modification decreases substrate translocation by
a loss of positive charge from the lysine side-chains, or the introduction of negative
charge and/or steric bulk from the succinyl group. Moreover, it is formally possible that
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Figure 1 - Succinylation of CM titin-I27-ssrA. (A) Succinylated CM titin-I27-ssrA does
not react with the amine-reactive TNBS reagent unlike either unmodified CM titin-I27-
ssrA or free glycine, suggesting that all amino groups in the former molecule have been
modified. The X-axis in this plot shows the concentration of all amino groups of a given
species before any succinylation reactions were performed. (B) Initial rates of ClpXP-
mediated degradation were determined at varying concentrations of succinylated and
non-modified CM titin-I27-ssrA by measuring release of TCA-soluble peptides.
Succinylation results in a 50% reduction in the rate of polypeptide translocation by
ClpXP.
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the succinyl groups modify the unfolded state of the titin-127 substrate, allowing the
polypeptide to form residual structure or a compact state that slows substrate
translocation. However, tryptophan fluorescence spectra for the succinylated variant
were identical to spectra for the CM titin-I27-ssrA, suggesting that it probably adopts a
similar unfolded state (data not shown). Evidence presented below instead points
towards a possible role of charged residues in modulating translocation rates.
Substrate-specific influence of KCI on substrate translocation by ClpXP
In Chapter Three I showed that ClpXP degraded the unfolded RNase-H*-ssrA variant
nearly two-fold more rapidly than an unfolded titin-I27-ssrA variant (Chapter Two)
despite the fact that the RNase-H* construct was 55 residues longer than the titin-I27
variant. This suggested that the rate of translocation of these unfolded substrates is not
strictly determined by the length of the polypeptide chain, but to some other feature of the
polypeptide like the chemical composition. However, the degradation experiments for
the titin-I27 and RNase H* substrates were performed under different salt conditions, and
I therefore measured degradation of these unfolded variants as a function of salt
concentration.
Maximal rates of ClpXP degradation of the unfolded substrates CM titin- 127-ssrA (data
not shown) and L78D/L1 12D RNase-H*-ssrA (Fig. 2A) were determined for varying
concentrations of KCI (see Materials and Methods, Chapters Two and Three). The
resulting degradation rates were length-normalized by multiplying these rates by the
number of residues in the substrate polypeptide chain (Fig. 2B). Varying the
concentration of KCI from 10 mM to 130 mM resulted in a four-fold change in the
translocation rate of RNase-H*-ssrA (Fig. 2A & B), but no significant change in
translocation was observed for the titin-I27 construct (Fig. 2B). Comparison of the
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Figure 2 - Effects of varying KCI concentration on the rate of degradation of unfolded
RNase-H*-ssrA and titin-I27-ssrA by ClpXP. (A) Initial rates of degradation by ClpXP
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L78D/L112D substrate and KCI by measuring release of TCA-soluble peptides. (B)
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length-normalized translocation rates (Fig. 2B) also demonstrates that both titin-I27 and
RNase-H* are translocated at similar rates (-400 residues/min) when higher
concentrations of KCI are present. For both substrates, the KM's for degradation (average
0.5 + 0.3 M) did not correlate with the concentration of KCI.
Unfortunately the total salt concentration still differs between the degradation reactions
of titin-I27-ssrA (90 mM NaCI) and RNase H*-ssrA (180 mM NaCI). In addition, all
reactions contained 10 mM MgCl2. However, the differences in degradation rates under
varying KCI concentrations are still likely to be significant since the total salt
concentration does not correlate with differences in the degradation of these two
substrates. For instance, CM I27-ssrA is degraded by ClpXP with an average maximal
rate of 400 residues/min in either the presence of 130 mM or 230 mM total salt (KCI,
MgC12, and NaCI), while the unfolded RNase H*-ssrA variant is degraded nearly four
times this rate (1220 residues/min) in the presence of an intermediate total salt content
(200 mM, Fig. 2B).
What accounts for the influence of KCI on the rate of CIpXP degradation of unfolded
RNase H*-ssrA? Because the effect of KCI is substrate-specific, these differences are not
due to a general KCI-dependent change in the activity of ClpXP. Perhaps the higher salt
conditions stabilize a more compact structure in the non-native RNase H*-ssrA but not in
CM titin-I27-ssrA and thus make the former substrate more difficult to translocate
because of residual structure. This appears unlikely, however, because tryptophan
fluorescence spectra were identical under all salt conditions tested (data not shown),
indicating that the average local environment of the RNase H tryptophan residues do not
change in a salt-dependent manner. Another possibility is that the different
concentrations of K+ and Cl- ions differentially shield electrostatic interactions between
ClpX and substrate polypeptides. Consistent with the data presented here, high salt
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concentrations would reduce the influence of electrostatic interactions on translocation
and polypeptides with a different distribution of charged residues would be translocated
by CIpXP at similar rates. Interestingly, RNase H* has more positively charged residues
(15%) in comparison to titin-I27 (7%), but the composition of negatively charged (12%)
and hydrophobic (34% and 35%, respectively) residues are similar for both. Moreover,
experiments with ssrA-tagged Arc protein variants, which have a similar charge
distribution as RNase H*-ssrA, show that degradation of this substrate is similarly salt-
sensitive (S. Siddiqui, MIT, unpublished data). These comparisons are thus consistent
with a role of positively charged residues in modulating translocation interactions. In the
absence of further experiments, however, this role is speculative at best.
The influence of KCI on translocation speed also led me to reinvestigate how much ATP
is hydrolyzed during the translocation of RNase-H*-ssrA. I observed that the rate of
ATP hydrolysis by ClpXP during translocation of unfolded RNase-H*-ssrA and unfolded
titin-I27-ssrA was very similar when high concentrations of KCI were used (data not
shown). Because ClpXP translocates these substrates at comparable rates under these
conditions, the energetic cost of substrate translocation is similar for both substrates at
roughly physiological KCI concentrations. This finding could have implications on the
comparison of ATP hydrolysis rates associated with the denaturation and translocation
steps during ClpXP proteolysis of RNase H*-ssrA (Chapter Three). In contrast to the
degradation experiments performed with low concentrations of KCl, perhaps the
denaturation and translocation of RNase H*-ssrA constructs will exhibit varying rates of
ATP hydrolysis akin to those observed during the ClpXP proteolysis experiments with
titin-127-ssrA variants (Chapter Two) when higher KCI concentrations are used.
In summary, the above experiments suggest that the rate of translocation of unfolded
polypeptides by ClpXP can vary with the chemical identity of substrate amino-acid side-
161
chains, and in some instances, with the concentration of KCI. These differences therefore
need to be considered in future experiments that make comparisons between the ability of
ClpXP to denature and translocate substrate proteins and how ATP is utilized in each of
these processes.
MATERIALS AND METHODS
All ClpXP degradation reactions and tryptophan fluorescence assays were performed as
previously described (Chapters Two and Three). CM titin-I27-ssrA was succinylated by
incubating 20 pM of this variant with 16 mM of succinic anhydride (Sigma) and buffered
with 200 mM borate, pH 9.1 (final pH of the reaction was 8.5). The reaction was allowed
to proceed over-night at room temperature, and dialyzed into 20 mM sodium phosphate,
150 mM NaCl, pH 7.5. Reactivity of CM titin-I27-ssrA and glycine towards TNBS
(trinitrobenzene sulfonic acid, Sigma) was determined as follows: amine containing
molecules were diluted into 100 mM bicarbonate buffer, pH 8.5 to varying
concentrations. TNBS was freshly dissolved in the same bicarbonate buffer and added to
the protein solutions for a final TNBS concentration of 0.7 mg/ml. Samples were
incubated at 37°C for 2 hours, and the reaction quenched by the addition of a final
concentration of 2% SDS and 100 mM HCI. Absorbance was measured at 335 nm in an
Agilent 89090A UV/Vis spectrophotometer.
